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ABSTRACT
The growing needs for cheaper and faster sequencing of long biopolymers such as DNA and
RNA have prompted the development of new technologies. Among the novel techniques for
analyzing these biopolymers, an approach using nanochannel based fluidic devices is attractive
because it is a label-free, amplification-free, single-molecule method that can be scaled for highthroughput analysis. Despite recent demonstrations of nanochannel based fluidic devices for
analyzing physical properties of such biopolymers, most of the devices have been fabricated in
inorganic materials such as silicon, silicon nitride and glass using expensive high end
nanofabrication techniques such as focused ion beam and electron beam lithography. In order to
use the nanochannel based fluidic devices for a variety of bioanalyses, it is imperative to develop
a technology for low cost and high through fabrication of such devices and demonstrate the
feasibility of the fabricated nanochannel based fluidic devices in obtaining information on
biopolymers.
We developed a low cost and high throughput method to build polymer-based nanofluidic
devices with sub-100 nm nanochannels using direct imprinting into polymer substrates.
Imprinting with the polymer stamps showed good replication fidelity for multiple replication
processes, preventing damage of the expensive nanopatterned master and reducing undesirable
deformation in the molded polymer substrate. This approach opened up a possibility to build
cheap and disposable polymer nanofluidic devices for single molecule analysis.
The ion transportation and DNA motion in nanofluidic systems were studied. Simulation and
experiment results indicate that fast degeneration of the electric field at micro/nano interface
plays a major role, in addition to the bulk flow in the microfluidic networks. Inlet structures and
bypass microchannels were designed and built, the use of which has proven to enable enhancing
the DNA capture rate by over 500 %.

VI

Attributed to the improved capture rate, the blockade current of DNA translocation though a
nanochannel was also measured. We observed in the current versus time curves both current
increase and decrease in the existence of a DNA molecule in the nanochannel, which we
attributed to the ion channel blockage and electrical double layer formed around the DNA
molecule, respectively.

VII

CHAPTER 1. INTRODUCTION
1.1 General background
With the development of nanotechnology and the application of nanofabrication on biological
area, it becomes possible to examine biomolecules one by one. Achieving single-molecule
analysis would have a huge pay-off, for instance the realization of single molecule DNA
sequencing[1]. When a DNA molecule are forced to pass through a nanopore/nanochannel with
diameter similar or smaller then the persistence length of DNA, the coiled long chain DNA
molecule has to uncoil and straight up for the passing [2, 3], which gives our possibility to realtime lab-free study the DNA molecule one base pair by another directly at the
nanopore/nanochannel region.
Recently, scientists and industry has performed various experiments and devices on the
purpose of realizing the real-time analyzing of DNA/RNA molecule by artificial or nature
nanopores and nanochannels[4-8]. These approaches show the capability of capture and screening
of single DNA molecule by analyzing blockade current when DNA passed through the pore, PCR
amplification and gel-electrophoresis of DNA at collection reservoir, fluorescence images/video
of DNA motion etc. For the further study of real-time sequencing, the transverse electrodes with
nanogap is suggested by first principle and molecule dynamic simulations[4, 9-12], however, due
to the limitation in fabrication and characterization methods, experiments only show some
preliminary results of sequencing information[5, 13-15].
In terms of analyzing biomolecules in single molecule level, micro/nanofluidic device has
several advantages. The general benefits of miniaturization include less use of reagents, parallel
analysis, fast operation and more sensitive detection. The silicon-based microfabrication
processes derive from microelectronics facilitate the build of nano/microfluidic devices.
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Photolithography based silicon wet/dry etch, doping, deposition, lift-off and other patterning
methods enable to etch or grow microscale pattern on silicon substrate. In addition to that, e-beam
lithography, Focused Ion Beam (FIB), Atomic Force Microscope (AFM) and Transmission
Electron Microscope (TEM) realize the nanopatterning on silicon substrate[5, 16-19]. Anodic or
chemical bonding can make a tight and strong bonding of the device without blockage or enlarge
of the nanopatterns.
Compare to silicon based chips, polymer nano/microfluidic chips are even more appropriate
for the bio-analysis application. The cost of polymer substrate is much less than silicon; the whole
photolithography and deposition/etching based fabrication can be simplified as just one
imprinting process; the surface of polymer can be easily modified for the particular reagent
molecules; and it doesn’t require a very high temperature and pressure for the bonding[18, 20-23].
Polymer BioMEMS microfluidic chips have shown its potential to detect and screen at very low
total material cost without any compromise of sensitivities and specificities[24]. In this research,
we focus on the miniaturization of the polymer fluidic chip further into the nanometer scale. We
specifically work on the fabrication and characterization of a nanochannel based device for DNA
analysis.

1.2 Object of the project
The object of this work was to design, fabricate and characterize a nanochannel based single
molecule analysis fluidic system on polymeric nano/microfluidic chip. Particularly, we want to
develop a single DNA analysis device, which can capture, uncoil and analysis a single/doublestranded DNA molecule. Following are a few critical challenges to be achieved by this project:
•

The fabrication of nanoscale pattern on polymer, and the integration of nanopatterns
with micro and/or macro scale structures.

•

The bonding of polymer nanofluidic devices
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•

Understanding the nanofluidic properties and the ion transport on a polymer based
nanofluidic system.

•

Characterize the DNA confining stretch, entropic uncoil, reaction with polymer
surface, concentration polarization and other related phenomena during DNA
translocation through nanochannel.

•

Improve of DNA capture rate and translocation efficiency. Increase the observation
window by reducing the DNA velocity inside nanochannel.

The future work would be developing the nanogap transverse electrodes across the
nanochannel.
This device might serve as the first and second step for a transverse electrode based or time of
flight based fast DNA sequence system.

1.3 Outline of the dissertation
This work consists of 8 chapters. A summary of the contents of each chapter is presented
below:

Chapter 2: Background and theory
This chapter gives a general background of conventional and novel DNA analysis methods,
which leads to the real-time lab-free analysis method by nanopore/nanochannel. The current
research progresses in this area were discussed, especially focused on the fabrication of
nanochannel.
DNA behavior inside nanochannel is another focus of the literature survey. The confinement
effect and electric double layer caused nanofluidic effect were discussed and a few models for
nanochannel ion transport were given.
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Chapter 3: Experimental methods
Detailed fabrication process for the polymer based nanofluidic device, metrology methods for
structural analysis, experimental setups for fluorescence test, DNA electrophoresis test and all the
related experimental methods are described in this chapter.

Chapter 4: Fabrication of polymeric nanofluidic chip by direct imprinting
A rapid, high fidelity direct imprinting process to build polymer nanofluidic devices in a
single step is described in this chapter. Undesired substrate deformation during imprinting was
significantly reduced through the use of a polymer stamp made from a UV-curable resin. The
integrity of the enclosed all polymer-based nanofluidic system was verified by a fluorescein
filling experiment and translocation/stretching of λ-DNA molecules through the nanochannels. It
was also found that the funnel-like design of the nanochannel inlet significantly improve the
entrance of DNA molecules into nanochannels compared to an abrupt nanochannel/microfluidic
network interface.

Chapter 5: Improvement of DNA capture rate
Major reasons for the low capture ratio of DNA by nanochannel are described here: 1) fast
degeneration of electric field at micro/nano interface, 2) bulk flow in microchannel. We find that
two methods can effectively increase the capture rate by enlarge the capture zone: 1). Build inlet
structures that can geometrically confine the DNA Brownian motion and reduce the bulk flow
velocity at the capture zone; 2). Adjust the field strength at the capture zone by building multiply
nanochannels or a microscale bypass channel.
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Chapter 6: DNA in nanopost array
The motion of DNA in dense nanoposts arrays were analyzed. A periodic motion of DNA was
observed. The separation of DNA with various sizes was also observed by electrophoresis inside
nanopost array.

Chapter 7: simultaneous measurement of electric and fluorescent signal
The ionic current and fluorescence images generated by DNA translocation through
nanochannel was recorded simultaneous. The result was compared to the nanopore results, proved
that the double layer capacitor of the nanochannel surface led to a unique capacitor
charging/discharging phenomenon when DNA translocated through nanochannel in low buffer
ion concentration.

Chapter 8: Conclusion and future work
A summary of this study and future works is given in this chapter.
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CHAPTER 2. BACKGROUND AND THEORY
2.1 Introduction
This chapter summarizes the background and literatures relevant to this dissertation work. It
consists of two major sections: 1) the behavior of DNA molecules inside polymeric nanofluidic
system and 2) how to fabricate polymeric nanofluidic devices.
By showing and comparing conventional DNA analysis methods with novel ones, this chapter
shows the advantage and the necessity for the single molecule analysis of DNA. The advantage of
nanochannel-base DNA analysis is then discussed; it leads to our research topic of single
molecule DNA analysis in nanochannel based fluidic device.
In order to build the nanochannel-based device, researchers have tried different approaches
with different materials and various structures. By surveying the literatures, this chapter shows
the advantage of using thermoplastics for building the nanochannel and discussed the challenge
for the fabrication process.
Regarding to DNA behavior in nanofluidic system, this chapter addresses a few key issues: 1).
The behavior of long chain self-avoidance polymer confined inside nanometer size channel
whose dimension equal or less than molecular gyration radius; 2). Ion transport in nanofluidic
system and DNA electrophoresis in nanochannel based device; and 3) the model for
electrokinetics nanofluidic system
The

profound

understanding

about

background

and

literature

guides

both

the

micro/nanofabrication and the fluidic experiments of the following chapters.

2.2 DNA analysis methods
2.2.1 Conventional DNA analysis methods
Deoxyribonucleic Acid (DNA) is a long biopolymer composed of repeating units called
nucleotides and also comprised of two negatively charged backbones intertwined in a double
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helix structure (See Figure 2.1). Inside a DNA molecule, the nucleotides are bonded in a specific
order, which determine the sequence of amino acids within the proteins and it further guides the
structure and folding of proteins. While proteins are basic building blocks for living organisms,
the basic blueprint is contained in the DNA. Technologies to determine the order of nucleotides in
a DNA are called DNA sequencing.

Fig 2.1 The basic structures of DNA molecule
Sequencing DNAs can reveal the whole blueprint for live but is associated with huge costs and
time. The traditional Sanger method for sequencing is a classical chain-termination method[1].
Starting with the selection of target cells and extraction of the nucleic acids, this method requires
a cloning step and/or polymerase chain reaction (PCR) to generate adequate copies of each
individual target molecule in order to provide sufficient signal-to-noise ratios during detection.
For PCR, a mixture of a single-stranded DNA template, DNA primer, DNA polymerase,
radioactively or fluorescently labeled nucleotides, and dideoxynucleotides are used. During the
reaction, both deoxyribonucleoside triphosphates (dNTP) and dideoxynucleotides are assembled
to the DNA template; however, dideoxynucleotides terminate DNA strand extension and resulting
in various DNA fragments of varying length. The gel electrophoresis was done afterwards and the
sequence determines by the type of dideoxynucleotide and the length of the polymer chain. The
drawback of the Sanger method is the cost and time. It took over ten years and cost about $3
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billion to complete the Human Genome Project (HGP). Even with the utilization of shotgun
sequencing, the cost of Sanger sequencing is still on the order of $0.50 per base[1].
Next generation (2nd generation) sequencing technologies are being developed with the aim to
lower the cost and time required for sequencing. Most of these methods are based on
synchronous-controlled strategy. For instance The 454 method[2] amplifies DNA inside
individual water droplets. Each droplet contains a single DNA template attached to a single
primer-coated bead, which forms a clonal colony. In the sequencing process, as the
polymerization of dNTPs added singly, luminescence is detected from pyrophosphate. The 454
system achieves the read length of 400 bp-600 bp and the capability for paired end sequencing up
to 20 kbp[2-4]. Illumina’s Genome Analyzer attaches complementary adaptors to glass slide,
DNA are captured and tethered for amplification by bridge PCR. Reads lengths for Genome
Analyzer are about 75 bp [2, 4].
Both the 1st and 2nd generation sequencing methods require the amplification of DNA by
conventional PCR or bridge PCR amplification, however, the amplification could be problematic.
The PCR introduces an uncontrolled bias in template representation, it requires many more
templates and reaction materials, and errors can be introduced to a fairly high ratio.
3rd generation sequencing (next-next generation) appears from 2009. The 3rd generation
systems achieves single molecule, real-time, direct detection of polymerase action during
synthesis, using labeled nucleotides and a single molecule template. Essentially, this is a
sequencing method by synthesis, but without serial biochemical steps for acquiring reads. The
PacificBio[5]

detected

the

temporal

order

of

distinguishable

fluorescently

labeled

deoxyribonucleoside triphosphates (dNTPs) enzymatic incorporation into a growing DNA strand
with zero-mode waveguide nanostructure arrays, which provide optical observation volume
confinement. The real time single molecule analysis enables parallel, simultaneous detection of
thousands of single-molecule sequencing reactions.
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2.2.2 Novel methods for DNA analyzing
Even though the cost and time of sequencing has been greatly reduced in the past years, this
price is still far too costly for supporting the commoditization of sequence information. When
applying the nanotechnology to areas of bioanalysis, the detection of a single biomolecule
becomes possible. Recently, simulation and preliminary experiments showed that with nanopores
or nanochannels, kilo-base length polymers (single-stranded genomic DNA) could be identified
and characterized without amplification or labeling.
2.2.2.1 Simulation and theoretical study

Theoretically, it is possible to sequence a single stranded DNA (ssDNA) by the measurement
of transverse tunneling currents or capacitance as ssDNA is driven through a solid-state nanopore
with embedded probes. By molecular dynamics simulations and quantum-mechanical current
calculation, Lagerqvist et al suggested that DNA could be sequenced by using the measured
current as an electronic signature of the bases as they pass through the pore[6-11]. The transverse
current is unique for each of the four nucleotides. However, in the simulation, they used the
electrodes comprised of 3 × 3 gold atoms arranged as a (111) surface two layers deep, with the
spacing of 1.25 nm[6]. With the current fabrication technology, the size, thickness and gap scale
of the suggested electrodes is still unachievable.
More sophisticated simulations with other electrode structures were also performed for the
nanopore based label-free DNA sequencing[12-16]. However, fabrication of real devices will be
fairly difficult. One important factor that limits the resolving power of label-free detection is that
the bases are separated by a mere 0.34 nm and that they need to be read out sequentially.
A direct evidence showing the possibility of label-free, direct reading of DNA information
was obtained by using Scanning Tunneling Microscope (STM). A STM tip picked up the
tunneling current from the stretched ssDNA on Cu substrate[17]. By comparing the STM image
on a single-stranded phage DNA with its known base sequence, Tanaka et al successfully
identified the ‘electronic fingerprint’ of guanine bases in the DNA molecule. They believe that if
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vibrational spectroscopy is performed using inelastic electron tunneling spectroscopy, it should be
possible to identify all of the base molecules. They observed that guanines bases have a distinct
electronic state distinguished from the other nucleic acid bases. The preliminary direct
sequencing experiments done by STM proved the possibility of lab-free chemical-free analysis of
DNA by transverse tunneling currents or capacitance of DNA.
2.2.2.2 Nanopore/nanochannel based DNA analysis

Nanopore-based sensing is attractive for DNA sequencing applications because it is a labelfree, amplification-free, single-molecule approach that can be scaled for high-throughput DNA
analysis. Moreover, it typically requires low reagent volumes, benefits from relatively low cost
and supports long read lengths.
One prototype of nanopores-based fast lab-free fast sequencing device is possible by detecting
the transverse electron currents, as proposed by Albrecht et al, In Figure 2.2,[18] DNA is driven
through a nanopore functionalized with embedded emitter and collector tunneling probes (orange)
and a back gate (black). The sequencing information can be obtained from the tunneling current
measurement. The amplitude of the tunneling currents that traverse through the nucleotides is
expected to differentiate each nucleotide as the DNA is electrophoretically driven through the
pore (arrow).
Ivanov et al [18, 19] fabricated a solid state nanopore aligned to a tunneling junction using
FIB milling and electron beam induced deposition. They performed the translocation experiment
of λ-DNAs through the nanopore and successfully detected the events. However, due to the
limitation of the pore size, gap between nanoelectrodes and the sampling ratio, no sequence
information was obtained from the test.
Another approach for the nanopore based label-free DNA analysis is the detection of ionic
current flowing through the pore. Since individual nucleotides of single-stranded DNA passing
through a nanopore will uniquely modulate the ionic current flowing through the pore, this allows
the recording of the current to yield the sequence information of the DNA[20]. Derrington et al
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demonstrated that ionic current through the engineered Mycobacterium smegmatis porin A,
MspA, has the ability to distinguish all four DNA nucleotides and resolve single-nucleotides in
single-stranded DNA.

Fig 2.2 Strand-sequencing using transverse electron currents. DNA is driven through a nanopore
functionalized with embedded emitter and collector tunneling probes (orange) and a back gate
(black). The amplitude of the tunneling currents that traverse through the nucleotides is expected
to differentiate each nucleobase as the DNA is electrophoretically driven through the pore (arrow).
Biological or natural nanopores such as α-haemolysin formed in lipid bilayer membranes were
first used for the nanopores-based DNA analysis. Nowadays, solid state nanopores have also been
developed. Unlike their biological counterparts, solid-state nanopores have the advantage that
they can withstand a wide range of analyte solutions and environments. However, due to the
limitation of nanofabrication techniques, the geometry of solid state nanopore with diameter less
than 2 nm is extremely hard to control, the size of pore also various after the DNA electrophoresis
experiments[18, 19]. Due to these drawbacks, biological or natural nanopores still play a critical
role in nanopores-based sequencing technology so far.
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2.2.2.3 Nanochannel based DNA analysis

Nanochannels are not only nanopores with depth in longer scale. Theoretically, in terms of
DNA analysis, nanochannels share the same properties of uncoiling and confining DNAs as
nanopores. Furthermore, it is possible to directly observe the confinement, elongation, and
relaxation of DNA molecules when confined to the lateral dimensions less than its persistence
length in nanochannel based fluidic devices. Nanochannels are more useful to study the genomic
scale DNAs. Because normally those DNAs are in the hundreds of thousands base pair length and
supercoiled to a sphere with diameter of a few micron, conventional methods does not allow
analyzing those long and coiled molecules. However, a DNA molecule in a nanochannel will
extend along the channel axis to a substantial fraction of its full contour length. Confinement is
also expected to alter the Brownian dynamics of the confined molecule[21, 22]. Furthermore, a
longer nanoscale confined zone gives more time and possibility for the molecules moving inside
the channel to interact with the channel surface. Thus, surface modification, geometric control
and other additional methods could be easily applied for the nanochannel case.
Fully stretched DNA molecules are becoming a fundamental component of new systems for
comprehensive genome analysis. Kim et al demonstrated a well-optimized condition under which
a DNA molecule can stretch almost to its full contour length in nanochannel[23]. Using
fluorescence microscopy, Levy et al identified molecules in a folded conformation in real time
and subsequently analyzed the uncoiling of DNA in various conditions in detail. They
demonstrated methods to stretch molecules, to retract molecules from the nanochannels, and to
straighten folded strands by controlling entropic force[24, 25].
Single-molecule restriction mapping and denaturation mapping of DNAs were also studied in
nanochannels. Riehn et al. performed restriction mapping of DNA molecules using restriction
endonucleases in nanochannels with diameters of 100 – 200 nm and have been able to measure
the positions of restriction sites with a precision of 1.5 kbp in 1 min using single DNA
molecules[21]. By partially denaturing YOYO-1 labeled DNAs in nanofluidic channels with a

14

combination of formamide and local heating, Reisnera et al explored the potential power of
denaturation mapping as a single-molecule technique by obtaining a sequence-dependent
“barcode” corresponding to a series of local dips and peaks in the intensity trace along the
extended molecule[26].
One of the most promising results for the lab-free real-time nanochannel sequencing is shown
by Liang and Chou[27]. They built a single nanochannel instead of nanopores with transverse
electrodes to the nanochannel. A pair of nanowire electrodes with the gap of 9 nm were achieved
across the nanochannel using a combination of EBL, metal evaporation and lift-off. However,
there are still issues about further miniaturizing in terms of both the electrode size and gap to
capture the single nucleotide information.

2.3. Nanochannel fabrication
With the potential of using nanochannels for label-free real-time single molecule analysis,
especially for genomic scale DNA molecule analysis, different approaches to build nanochannel
have been developed. The fabrication methods differ by the chosen substrate materials. Generally
it can be divided into two major groups: 1) fabrication of nanochannel-based fluidic structures in
silicon, silicon nitride or glass substrate, and 2) fabrication of such structures in elastomeric or
thermoplastic polymers.

2.3.1 Fabrication on silicon/glass substrate
Glass, fused silica and silicon have been widely used as substrates for nanofluidic devices due
to their established surface chemistry, excellent optical properties and well-entrenched fabrication
techniques.[28]
2.3.1.1 Direct milling

Direct milling is one of most straight-forward top-down fabrication methods. Nanopatterns are
produced in silicon/glass substrates by employing a high-end nanofabrication tool such as focused
ion beam (FIB), electron beam lithography (EBL) followed by a silicon etching.
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In the case of EBL, features of 10 nm can be achieved. In the process, patterns are first defined
in a thin layer of polymer resist with a beam of focused electrons, then transferred to the
underlying substrate by developing and etching processes. The use of EBL is costly and slow.
Moreover the proximity effect, which is a resist exposure outside the scanned pattern, limits the
resolution and contrast of EBL patterns.[29]
FIB directly machines the substrate material by focused ion beam (typically using Ga ions) to
produce nanopatterns. It also has a lateral resolution of ~ 10 nm. Similar to EBL, FIB is also
costly and slow and therefore impractical for large-scale manufacturing. The Gaussian shape
cross-section of the milled channel could also been problematic in application.[30] In addition to
milling, FIB can also deposit metals on substrate. For the DNA nanochannel analysis case, the
transverse electrodes can be fabricated by FIB ion deposition as well.[30] Prototype nanofluidic
devices have been built with these methods[23, 27, 31, 32] and used to study DNA confinement
and elongation, unique nanofluidic ion transportation phenomena, and other special properties of
nanofluidics. However, the cost and time entailed with the EBL and FIB fabrication prevent their
wide usage in mass production of nanofluidic devices.
2.3.1.2 Sacrificial nanowire releasing

Enclosed nanochannels can also be fabricated by sacrificial layer releasing.[33] It consists of
embedding the structures in a layer of appropriate sacrificial material on the surface of the
substrate. The sacrificial material is dissolved which leaves a complete nanochannel. The
dimensions of these channels are generally restricted by the sacrificial layer thickness.
The sacrificial nanowire releasing method requires a precise control of LPCVD (Low-pressure
chemical vapor deposition), thickness and dimension control during functional layer growth.
Removal of the sacrificial layer also requires a long immersion time in chemical solution and the
etching time would increase exponentially when the nanochannel size is miniaturized.
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2.3.1.3 Precisely controlled collapse of roof

Tas et al suggested to build 2D nanochannels by etching of a sacrificial strip separating the
substrate and the capping layer [34]. A sacrificial SiO2 layer was first deposited on silicon
substrate, thin polysilicon layer was then grown by LPCVD. During drying of the structure the
capping layer is pulled down by the capillary forces of the remaining liquid, and once brought in
contact with the substrate, adheres permanently forming a nanochannel. In this case, the
sacrificial material was silicon dioxide, thermally grown on the silicon substrate wafer. The
capping layer is thin polysilicon, grown by LPCVD. Compare to the sacrificial nanowire
releasing method, the sacrificial strip can be removed with a much shorter time because the
etching is performed sideways, over a distance of only a few micrometers.
2.3.1.4 Self-enclosed self-limited formation

Sealed and transparent nanochannels can also be achieved via self-sealing. Nanochannels with
high aspect ratio were built by nanoimprinting lithography (NIL) and deep reactive ion etching
(DRIE). [35] Those nanostructures were then exposed to a UV laser pulse, which melts a thin
surface layer. The flow of molten Si will reshape and seal the trenches. Following that, a thermal
oxidation of Si can further shrink the channel size and make it transparent. By adjusting the
thermal oxidation time, the shrinkage of nanochannels can be precisely controlled. The
nanochannel size smaller than 10 nm was achieved by this method.

2.3.2 Fabrication on polymer substrate
Polymers provide an attractive alternative to glass-based materials for nanofluidics due to their
diverse range of physiochemical properties, low material cost, a variety of surface modification
protocols, and a number of fabrication techniques.[28] Generally, polymers have a diverse range
of mechanical as well as chemical properties. Different polymers could have totally various Tg,
Tm, Young’s modulus, thermal expansion coefficient, UV transmissivity etc. In addition, surface
modification provides polymer substrates with diverse surface properties. Upon surface
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modification, surface charge density, zeta-potential, wettability etc. can be adjusted easily; by
adding functional group to the polymer surface, particular proteins, DNAs or cells can be
captured and/or react with surface, which gives a wide range of utilities for the polymer based
devices[28, 36-38].
The use of polymeric materials for lab-on-a-chip technology is increasing due to its
biocompatibility; wide choice of surface properties, the optical transparency, and the ability to be
mass-produced using molding techniques, thereby leading to cheap disposable devices[36, 39, 40].
Fluidic channels in polymer can be fabricated by nanoimprint lithography or hot embossing,
promising the molecule-scale resolution[41, 42].
Polymers that have been used in nanofluidic applications can be classified into two general
categories: (1) elastomers and (2) thermoplastics. Different fabrication approaches need to be
used for the two material types.
2.3.2.1 Elastomer polymer based devices

Elastomers are amorphous polymers with a low to moderate number of cross-links between
polymer chains. The low Young’s modulus of elastomers ensures their large deformation upon
application of an external load and covalent cross-links help elastomers return to their original
shape upon release of the load. Generally elastomers have been considered problematic as
nanochannels because of their deformability and tendency to collapse. Recently, there have been
efforts aimed to overcome or even take advantage of the deformable nature of elastomers to form
functional nanochannels.
The unwanted collapse, which has traditionally been considered as a problem in microfluidic
chips, is applied for the fabrication of nanochannels.[43] Due to the change in surface stiffness
and the need to release strain, sinusoidal wrinkle patterns were generated when a sheet of
stretched PDMS was exposed to an oxygen plasma or UV/ozone (UVO) and then relaxed. The
amplitude of the wrinkle structures could be modulated based on the applied strain.[44, 45] Huh
et al generate an array of nanoscale cracks on plasma-oxidized PDMS by mechanical
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stretching.[44] The pattern was replicated into UV-curable epoxy, and then copied again into the
PDMS prepolymer. The nanochannel has the shape of a triangle with the base length and height
of 688±79 nm and 78±18 nm, respectively. Due to the low Young's modulus of PDMS, the final
nanochannel is a flexible fluidic system that can dynamically adjust their transport characteristics
according to the handling needs of various molecules and nanoparticles.
Another approach is to form nanochannels by sacrificial nanowires casted inside
elastomers.[46] Bellan et al have used electrospun polyethylene oxide nanofibers as sacrificial
templates to form nanofluidic channels in PDMS. By depositing fibers on silicon templates
incorporating larger structures, the authors demonstrated that these nanochannels could be
integrated easily with microfluidic networks. The nanofibers were electrospinning generated on
silicon substrate from polymer solutions. PDMS prepolymer was then poured onto the substrate
and cured. The dissolvable nanowire was removed afterwards, which left sub-micro scale
nanochannels inside PDMS.
There are a few other approaches for the fabrication of nanochannels in elastomers. However,
due to the low Young’s modulus of elastomers, the formed nanochannel as well as the bulk
device can easily deform, although it could be useful for some nanofluidic applications.[44] It is
also a source of uncertainty and a problem related to the reproducibility of device performance.
Furthermore, PDMS, as the most widely used elastomer, is a porous material which is known to
be permeable by gases and liquids under pressure, which could be another setback for the
applications of PDMS based nanochannel devices.
2.3.2.2 Thermoplastic polymer base devices

Thermoplastics are usually linear or branched polymers with higher molecular weights and
Young’s moduli. The deformability of thermoplastic polymers has made these materials to be
used for hot embossing, injection molding, compression molding, thermal forming, casting etc.
for micropatterns. Recent studies also demonstrated its capability of producing nanoscale
patterns.[47, 48] The first demonstration of NIL was in PMMA substrate.[47] Subsequent
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researches following the initial work proved the possibility of building nanoscale patterns in
thermoplastic polymers.[49, 50]
Direct writing with electron, ion, laser and other high energy beams is also appropriate for
some thermoplastic polymers, mostly a thin layer of polymers coated on silicon substrates.
However, pool electrical and thermal conductance causes charges to build-up in polymers and
produces localized heating during the milling process. Furthermore, low aspect ratio patterns and
Gaussian sidewall profiles of the directly milled patterns make the subsequent bonding/assembly
process difficult. Shao et al used proton beam writing, directly fabricated straight-walled highaspect-ratio channels on a relatively thick PMMA resist layer spin coated on a Kapton film.[51]
The original nanochannel was built to high-aspect ratio for compensating the height lost during
bonding.
Embedded microchannels in thermoplastic polymers with cross-sectional dimensions on the
order of tens of micrometers can be controllably deformed (stretched) to produce submicron
channels.[52] The reduced channel dimensions were achieved by heating the preformed
microchannels while applying a uniaxial tensile force to reduce the channel cross sections
through the Poisson effect. Nanochannels with circular or elliptical cross sections are defined by
varying the channel position and preform geometry prior to deformation. Sivanesan et al built
arrays of parallel nanochannels with critical dimensions down to 400 nm.[52]
Nanoimprint Lithography (NIL) has the capability to build patterns in thermoplastic polymers
from millimeter scale to sub-10 nm patterns. One of the major advantages of thermal imprinting
in thermoplastic polymer is the repeatable usage of the stamp and the diverse choice of substrate
materials. Chantiwas et al. demonstrated the use of sequential imprinting processes to produce
nanoslit-based fluidic devices in different polymer substrates (PMMA, COC, and PC) used for
DNA stretching.[53] After formation of the microfluidic structures using hot embossing with a
metal molding tool, nanoimprinting followed in order to produce an array of nanoslits in prepatterned substrates. The fabricated nanoslit chips were enclosed with a thin polymer plate
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bonded to the molded polymer substrate via thermal fusion bonding. Due to the difference of the
reflect index and other optical properties of these polymers, the compatibility for each polymer to
the oil-immersion microscope system is unique. Benefit from the thermal-imprinting process,
nanopattern can be made in various substrate by adjusting only the imprinting temperature.
Nanochannel with exactly same dimension can be fabrication on each material, so the chemical
properties of DNA motion in each material can be studied, the optical properties can also be
improved by switching the material.
Another advantages for nanoimprinting is its ability to build the entire multiscale micro and
nanopatterns fluidic structures by a single imprinting steps. There is no need to build microscale
transport channels separately as they are needed by most of the direct milling and sacrificial layer
fabrication techniques. With thermal imprinting, patterns in both micro and nano scales can be
achieved at the same time. In terms of the stamp fabrication, Thamdrup et al suggested
fabrication of an integrated stamp via two-step procedures. In the first step, an array of nanoscale
protrusions are defined by dry thermal oxidation, subsequently EBL in SU-8 and RIE. Then,
micrometer-sized transport channels for the nanofluidic system were defined by UV
photolithography into a Ormocomp resist layer.[54] Fanzio et al demonstrated another method for
the fabrication of a multiscale nanofluidic system by single imprinting. They built both micron
and nanometer size patterns in silicon by FIB first; the silicon master was then cast into a PDMS
stamp; and with the hierarchical PDMS stamp, they were able to build multiscale nanofluidic
chips with a single imprinting step.[38]
Guo et al. demonstrated that DNAs are stretched effectively in nanochannels fabricated by
imprinting in a thin polymer film cast on a glass cover slip [50]. The channel size is less than 50
nm, which is much smaller than most of the reported silicon and polymer nanochannels.
In conclusion, nanofluidic systems have been produced in both glass/silicon substrates and
elastomer/thermoplastic polymer substrates. However, due to the diversities of bulk and surface
properties that can be chosen by selecting appropriate polymers and the cost-effectiveness in the
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fabrication methods, all polymer based nanofluidic devices have huge potential for low cost,
disposable, point-of-care bioanalytic applications. Compared with other fabrication techniques to
form nanofluidic structures, nanoimprinting lithography is cost-effective and easy to integrate
with microfluidic networks, with the lateral resolution less than 10 nm with high reproducibility.

2.4. Nanoimprint lithography (NIL) for nanochannel fabrication
The strong drive of using NIL into polymer substrates for the fabrication of nanofluidic
devices comes from 1) its ability to fabricated sub-10 nm patterns with good replication fidelity
and low cost and 2) the diversity of materials that can be chosen as substrate to mold patterns on.
The literature survey on nanochannel fabrications by NIL will be divided into two sections:
the first section focuses on the substrate materials while the second section will discuss different
stamp materials used for the nanoimprint lithography process.

2.4.1 Molding materials for NIL substrate
2.4.1.1 Silicon substrate with polymer mask layer

When Chou et al. first reported nanoimprint lithography in the 1990s,[47, 48] patterns were
imprinted in a thin layer of thermoplastic (PMMA) coated on silicon substrate and subsequently
transferred into the silicon substrate by dry etching. The thin thermoplastic layer serves as an
intermediate patterning layer as photoresist serves for conventional photolithography. Silicon,
glass, and fused silica were the common materials for substrate. The usage of these silicon-based
materials benefits from its compatibility to the photolithography-based microfabrication
processes. The homogeneity and extremely high flatness of the silicon substrate surface improve
the quality of nanoimprinting. With these advantages, most of initial nanopatterning work via
nanoimprint lithography w as performed in a thin layer of PMMA, the most popular
thermoplastic polymer used for nanoimprinting, after coating on silicon substrate. The PMMA
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patterns were transferred to silicon substrate by DRIE etching and the residual PMMA layer was
then removed by oxygen plasma. Nanochannels with width and depth down to 10 nm have been
achieved by this method.[55, 56] Taking advantage of its compatibility with other
microfabrication processes, Liang and Chou demonstrated fabrication of nanochannels with
embedded transverse electrodes for label-free DNA analysis. .[27] In their fabrication,
nanoimprint lithography was combined with silicon dry etch and tilted shadow metal evaporation.
Nanoimprinting lithography has also been combined with conventional photolithography to
produce a fluidic device with nanochannels and pillar inlets, as reported by Cao et al. The inlet
structure was first built by photolithography while nanoimprinting followed to achieve
nanochannel structures on the prepatterned substrate.[49] With the fabricated nanofluidic chip,
they demonstrated electrophoresis of dyed DNA molecules in the nanochannels.
The patterned silicon substrate was then bonded to another silicon or fused silica thin cover
slide to form an enclosed fluidic device. Normally anodic bonding or chemical assisted bonding
was used, with a bonding temperature more than 400°C. Sometimes this bonding temperature is
too high for addition structures such as nanogap electrodes and chemicals for surfacemodification that needs to be added to the device. An alternative way is the use of an conformable
adhesive material.[27] However, the adhesive material can be squeezed into the nanochannels and
this may lead to a change in the nanochannel dimensions.
2.4.1.2 Thin polymer function layer on silicon/glass substrate

Nanofluidic devices formed in a thin layer of thermoplastic polymers coated on silicon/glass
substrate take advantages from both material types. Nanoscale patterns can be easily produced in
the coated polymer layer via molding while the mechanical strength of the device and
compatibility with microfabrication processing techniques are guaranteed by the silicon/glass
substrate. Another advantage of using the silicon/glass as NIL substrate is a reduction in the
deformation of molded polymer generated in thermal imprinting. The stress generated during
molding due to the contact between two dissimilar materials inevitably produces undesirable
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deformation in the molded patterns. However, by using silicon/glass as substrate, such stress and
deformation in the molded substrate can be significantly reduced compared to the case when bulk
polymers are used as substrate. Due to such advantages, most nanoscale devices that were
fabricated via NIL have been produced in these composite substrates. Such deformation in the
molded polymer substrate can be tolerated for micro-scale components. However, when
nanopatterns are present, the deformation is not tolerable. Excessive surface roughness on the
stamp surface and inclusion of contamination during the process are also detrimental to
nanofluidic structures.[28]
Such composite substrates can also be used as cover plate for bonding to silicon nanofluidic
devices. In the work of Guo et al., an array of nanochannels formed in silicon was bonded to
another silicon substrate coated with a thin layer of PMMA.[50] During thermal bonding, a
portion of PMMA in the silicon cover plate flows into the nanochannels, decreasing the
nanochannel depth. With this method, nanochannels with dimensions from several hundreds of
nanometers to sub-100 nm have been achieved. The depth of channel was controlled by the initial
depth of silicon nanochannels and the thickness of the coated PMMA layer for bonding.

2.4.1.3 Bulk polymer as substrate

Despite successful demonstration of nanochannel formation using NIL, the use of a hard
substrate requires additional processing steps such as spin-coating and baking of resist, and RIE
or metal deposition and this increases the fabrication cost significantly. Moreover, the brittle
nature of silicon-based substrates makes the handling of the final device difficult and disposing of
used devices is another issue. Therefore, more recent researches The successful application of
complete polymer devices for bioMEMS[57] has proven the advantage for using bulk polymer as
substrate for biomolecule analysis. Generally, complete polymer devices can be manufactured at
low cost, easy to package and transport, and could be disposable.
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Another advantage of using bulk polymer substrates is the ability of fabricating the entire
fluidic structures in a single step. Normally a nanofluidic system consists of either single or an
array of nanochannels and microfluidic networks comprising microfluidic channels and
millimeter size reservoirs. The fabrication of these millimeter and microscale patterns in a prepatterned substrate with nanochannels requires the employment of different fabrication
techniques for respective nanopatterns and microfluidic network structures and in this case the
compatibility of the fabrication methods can be an issue. However, with the use of polymer
substrates, the entire structures can be manufactured in a single step using various molding
techniques.
Chantiwas et al. demonstrated fabrication of mixed-scale fluidic devices in various polymer
substrates including PMMA, COC and PC.[53] The hierarchical structures were achieved by two
steps: They first built microchannels and reservoirs with hot embossing from a brass mold, which
is followed by imprinting nanochannels using a silicon stamp with nanoprotrusions. The key of
the process is a delicate control over the imprinting temperature and time for the second
imprinting step, so that the microchannels are not melted during the process.[53] Along with the
two steps technique, they have also showed the possibility of building the entire hierarchical
structures with a single imprinting process. Once the nanofluidic structure was successfully
achieved by the two-step technique, it was casted into a PDMS stamp. With that hierarchical
PDMS stamp, the whole pattern can be achieved by a single imprinting step.
Thamdrup et al. reported a different approach to produce nanofluidic structures. They built
both micron and nanometer sized patterns on a stamp. Two resists, i.e. SU-8 and Ormocomp,
were employed for nano and microscale protrusions respectively. By a single imprinting process,
the entire multiscale pattern was transferred to the PMMA substrate.[54, 58]
Despite demonstration of nanofluidic devices in polymer substrates, however, the stress
generated during molding due to the contact between two dissimilar materials inevitably produces
undesirable deformation in molded substrates such as warping and a non-uniform residual layer.
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With nanopatterns present together with micro or macroscale structures, the deformation is not
tolerable, making it difficult to achieve good sealing in the subsequent assembly process. The
material for the stamp and the imprinting parameters should be well adjusted for best results.

2.4.2 The chosen of stamps for nanoimprinting
In order to build nanochannels (a recessed structure) in a substrate, the reversed pattern, i.e.
protrusions with nanoscale width and height, is necessary to build in the stamp. The geometries
and material types for the nanoprotrusions in the stamp determine the properties of imprinted
nanochannels.
The two dimensional protrusions with nanoscale width and height are the key structure in the
stamp for nanofluidic devices. However, in order to fabricate such nanoscale protrusions in the
stamp using high-end nanofabrication tools such as FIB or EBL, it is the large surrounding area
that needs to be milled instead of the required nanoprotrusions. Therefore, fabrication of recessed
grooves is preferred to that of protruded grooves.
There are a few additional requirements for the stamp material: 1) the young’s modulus should
be large enough so it would not deform too much during imprinting; 2) it should be thermo-stable
to survive the temperature during imprinting; 3) it should be able to demold easily from the
thermoplastic substrate, so it would not stick to the imprinted pattern and the patterns in the
substrate should not be broken during demolding.
2.4.2.1 Nanowire stamp

Nanowires having lengths on the order of tens or hundreds of micrometers, and diameters or
widths at the nanometer scale are a good candidate as stamp for imprinting nanochannels. Zhang
et al showed the possibility to build nanochannels with the width and depth in the range of 100 to
900 nm by imprinting from silica nanowires. Silica nanowires, taper-drawn from commercially
available single-mode fiber were used as templates and embedded in the PC substrate by hot
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embossing. Nanochannels were created by removing the imprinted nanowires with hydrofluoric
acid (HF) etching.[59]
Creating nanochannels from nanowires is a combination of top-down (nanoimprinting) and
bottom-up (the usage of nature formed nanowire) approaches. However, control over the position
and shape of the nanowires is difficult.[33, 59] Since the nanowires need to be removed by
etching or dissolving with an etchant or solvent, respectively, so the stamp can’t be reused.

2.4.2.2 Stamp fabrication by edge-lithography.

Another technique to build nanoscale 2D protrusions is the edge-lithography. Liang et al.
fabricated a single sub-20 nm wide, centimeter-long nanofluidic channel from a mold build by
edge lithography.[60] The process starts with a Silicon-On-Insulator (SOI) wafer. By combining
thermal oxidation growth of SiO2, photolithography patterning, anisotropic etching, LPCVD
growing, and DRIE etching, a centimeter long, 17 nm wide continuous SiO2 nanowire was
achieved. By a similar approach of edge lithography, Zhao et al. demonstrated sub-10 nm
channels in PMMA.[55]
The final nanoline on stamp in edge lithography is formed by the LPCVD coated SiNx in
Liang’s case; for Zhao’s case, it’s the silicon edge protected by thermal growing SiO2. For both
methods, the nanoline grows by a bottom-up technique, either the LPCVD deposition or thermal
growing and will give a continuous structure even if there are alignment defects in the
photolithographically-defined pattern in the beginning of the process.
2.4.2.3 Polymer stamp and 2-step imprinting

As mentioned before, formation of a recessed groove structure is much easier than that of a
protruded nanoline when serial micro/nanofabrication techniques such as EBL and FIB are used.
In order to eliminate the need of milling large surrounded areas in stamp fabrication, an
alternative approach is to build recessed grooves in the original master using EBL/FIB and then
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replicate the pattern to achieve the negative copy of the recessed grooves. Then, this can be used
as stamp for imprinting nanochannels.
The typical process to transfer the nanogrooves on master mold to a substrate requires twostep imprinting process. First the nanochannel on the master mold is imprinted into an
intermediate stamp where a protruded nanoline is form. The second step is to build the
nanochannel in a polymer substrate with the intermediate stamp made in the previous step. One
advantage of using the intermediate stamp is that the precious original master is needed only
sporadically when it is necessary to make a new stamp and therefore, it saves the trouble of
fabricating the stamp with a nanoline protrusion by FIB or EBL. Another advantage is that all the
patterns in the master mold, including nanochannels and micron/millimeter sized fluidic networks,
will be transferred to the intermediate stamp and to the final substrate.
Huh et al. produced an array of nanogrooves (nanocracks) in PDMS by drawing oxidized
PDMS in one dimension, which were then transferred into a UV curable epoxy. PDMS has also
been used as stamp because it is easy to case and demolding. Fanzio et al.[38] and Angeli et
al.[61] fabricated nanofluidic systems in silicon substrate with FIB. The patterned silicon master
was then casted into PDMS, coated with FluoroOctylTrichloroSilane, and then cast into another
PDMS replica. The second PDMS replica has the same pattern polarity as the original silicon
master.
Chantiwas et al.[53] also tried to make the polymer stamp in PDMS by replicating from a
PMMA master. The PDMS stamp was then thermal imprinted to another PMMA sheet. An AFM
measurement shows the imprinted PMMA by the PDMS stamp has a lower depth than that of the
original master, which is attributed to the deformation of PDMS under high imprinting pressure
due to its low Young’s modulus. Generally, polymer shows great potential for use in bioanalytic
nanofluidic devices. Nanoscale patterns can easily be produced by nanoimprinting and enclosed
fluidic devices can be built at low cost. More discussion about the polymer stamp and the
fabrication of nanofluidic device in polymer will be given in Chapter 4.
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2.5 Confinement of DNA molecule inside nanochannel
One of the main functions of a nanochannel is to stretch a single DNA molecule to its full
contour length by so called confinement elongation. This section focuses on basic properties of
DNAs confined in a nanochannel. Models and experience formulas for persistence length,
gyration radius, end-to-end length and etc. will be described.

2.5.1 Behavior in free solution
The persistence length of a DNA molecule was calculated by Odijk-Skolnick-Fixman model
and proved experimentally by Reisner et al [62], p = p0 +
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This equation suggests that the effective width depends on the Debye length as well as the DNA
chain charge density (vline).

!

Fig 2.3, In free solution, DNA forms a random coil with a characteristic length-scale Rg
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The conformation of a DNA molecule in free solution is determined by a balance between
entropic effects, that serve to minimize the volume of the DNA coil, and excluded volume effects
between interacting segments of the DNA causing the coil to expand.[67]
The gyration radius of a non-self avoidance polymer is Rg = ( pL)1/ 2 . Here p stands for the
persistence, and L is the contour length of the polymer molecule. However, for self-avoidance

! radius is given by Rg = ( pw eff )1/ 5 L3 / 5 . By
polymers such as DNA molecules, the gyration
comparing the two equations, we can tell that generally for self-avoidance polymer, it adds a

!
dependence on the molecule width, and it gives a stronger dependence
on the contour length of
polymer.
For λ-DNA, the DNA diameter is 2 nm, the persistence length is 60 nm, and the base pair
spacing is 0.34 nm, the length is 48502 base pair. Accordingly, the estimated gyration radius
amounts to around 0.88 µm. For T4 DNA with the length of 165600 bp, the estimated gyration
radius is around 1.85 µm.

2.5.2 Self avoiding polymer in nanochannel
When confined inside a channel whose radius less than the gyration radius (Rg) of a selfavoidance polymer, the polymer effectively divides into a series of non-interpenetrating blobs,
distributing the polymer mass along the channel in such a way that the monomer density is
uniform. The basic theory of DNA confined to spaces of dimensions smaller than the radius of
gyration is based on work by de Gennes[68] and Odijk[69] and can be divided into two regimes
named after their seminal work. The natural breakpoint between the two regimes is the
persistence length.
DNA confined in channels with a cross-section much larger than the persistence length is
capable of folding back on itself and coiling up, with excluded-volume effects dominating the
behavior. De Gennes argued that in this regime the DNA could be modeled as a series of non-
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interacting blobs, where the DNA inside each blob behaves as it would in free solution. This leads

( pw eff )1/ 3
to an extension, Lz, of the DNA along the channel, Lz = L
[22], for channel with
D2 / 3
different depth and width D =

hNC w NC .

!
!

Fig.2.4. The confinement elongation theories of DNA inside nanochannel with channel diameter
less than gyration diameter. (A) When DNA is confined to a channel diameter in de Gennes
regime, it must elongate as series of “blobs”, which can’t interpenetrate because of self-avoidance.
(B) In the Odijk regime, the DNA is extended as a series of undulations between the channel
walls. [70]
For smaller channels with diameters less than the persistence length, the energy to form a loop
is greater than the thermal energy, kBT. Thus, the probability of the loop formation is small,
leading to a DNA molecule that is undulating between the channel walls. Excluded-volume
effects are of little importance in this case and the end-to-end distance is described by the theory
developed by Odijk which is based on the average projection of the characteristic deflection

length,

2/3
(
"D% +
Lz = L *1! A $ ' *)
# p & -,

or

for

a

rectangular

cross

section:

.0
(" D %2/3 " D %2/3 +20
Lz = L /1! B *$ 1 ' + $ 2 ' -3 . Here A and B are constants, A = ~0.17 and B = ~0.091.[71]
*)# p &
# p & -,40
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2.6 Transport phenomena and DNA electrophoresis in nanochannel
Due to the high surface to volume ratio of the nanochannel, the charges on the channel wall
could have a great effect on the distribution of ions inside and across the channel. In addition to
that, diffusion limitation was also common in one dimensional structures such as
nanochannel[72]. The actual behavior of DNA molecules inside the nanochannel is the
combination of all the unique phenomena in nanofluidic area.
This section will cover the transport behavior and modes in a nanochannel, and the basics of
DNA electrophoresis inside the nanochannel.

2.6.1 Free solution DNA electrophoresis
In free solution, DNA can be considered as a polymer consisting Nk Kuhn segments. The
Kuhn length as about 300 bp, which is about 2 times of the persistence length of dsDNA. Instead
of modeling the polymer of thousands of basepairs, it can be considered as Nk stiff sticks. In the
local force model, the electrical force acting on a DNA molecular is Felec = qk N k E = QE , where

qk is the charge per Kuhn segment, N k is the number of Kuhn segments, E is the magnitude of
electric field, Q is the charge of the whole molecule.

!

!

! # , where v is the velocity and
!
The electrical force is opposed
by a friction force: F friction = "v
c

"c !is the friction coefficient of the DNA chain. Considering the velocity v = µ0 E (where µ0 is
!

the free solution electrophoretic mobility !of the DNA. By balancing the two forces, we get

!

µ0 =

qk N k
.
"c

!

!

For DNA length longer than 400bp, the fiction coefficient "c is proportion to the DNA length,

!

"c = N k "k , where "k stands for the friction coefficient of a Kuhn segment. So
µ0 =

!

!
qk N k qk N k qk
=
= # N bp 0 , which is not related to the length of DNA molecule N bp . The
"c
"N
"k
! k k

experimental results (Fig 2.26) by Stellwagen [73] indicate that for DNA lengths less than 400 bp,

!

!
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the mobility is proportion to N bp

"0.6

while for DNA longer than 400 bp the mobility is not related

to the number of base pairs.

!
2.6.2 Phenomena related to electrical double layer
2.6.2.1 Formation of an electrical double layer

Due to the fixed surface charge in a solid surface, an oppositely charged region of counterions
develops in the liquid to maintain the electroneutrality of the solid-liquid interface. This screening
region is denoted as the EDL because ideally it consists of opposite charges, some of which are
bound while others are mobile. Surface charge is caused by dissociation of surface groups and
non-electric absorption of ions and charged groups at the surface. The surface charge polarity is
mainly decided by the material itself, and also varies depending on the number and type of ions
present in solution.[74] For silicon, silica, glass and polymer such as PMMA the surface is
usually charged negatively.
The consistence of electric double layer is shown in Fig 2.5, the solid-electrolyte interface can
be divided into three layers: inner Helmholtz plane, outer Helmholtz plane and diffusion layer.[72,
74, 75] In the inner Helmholtz plane, co-ions and counterion are not hydrated and are absorbed at
the surface. The outer Helmholtz plane consists of a layer of bound, hydrated, and partially
hydrated counterions. The diffusion layer consists of mobile co-ions and counterions. In most
cases, the outer Helmholtz plane and slip plane are close to each other, so that the potential of
outer Helmholtz plane is approximately same as the ζ potential.[74]
The thickness of the electrical double layer λD can be estimated from the Debye-Huckel
approximation. In this model, the potential decays exponentially in the diffuse layer with the
characteristic distance given by Debye length.[74] As it shows in Table 2.1, for a relatively high
salt concentration, the Debye length is short, and the double layer is thin; however, at very low
salt concentration, the Debye length is long, and the corresponding double layer is thicker.
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Fig 2.5 Gouy-Chapman-Stern Model and simplified mode for electrical double layer. [74, 75]

2.6.2.2 The conductance limitation of nanochannel

The requirement of charge neutrality suggests that the number of mobile counterions in a
channel will exceed the bulk ion concentration and dominate the ionic transport in the channel
when surface charge density " > enh , here n is the ion concentration inside channel and h is the
height of the channel. This was verified by conductance experiments by Stein et al.[76] At a high
ion concentration,!the measured conductance increased linearly with the ion concentration.
However, at low KCl concentration, when " > enh , the measured conductivity was not related
to the bulk ion concentration. According to Stein et al., due to the negative charge at the

! concentration inside the nanochannel is built by two
nanochannel surface, the captions
mechanisms: the first one is the diffusion from the bulk solution and the other one is the
compensation of the negative charges existing at the nanochannel walls.[77] When the salt
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concentration of bulk solution decreases, cations from the first mechanism decreases while those
from the second mechanism remain same.
Table 2.1 EDL thickness λD for typical KCl concentration at 25 °C.[28]

The limitation of salt concentration inside a nanochannel is depends on the dimensions of the
channel, pH value of the buffer and surface charge density of the channel surface. Schoch et
al.[78] altered the surface charge density σ by adding oOctodecyltrichlorosilane (OTS) molecules
to the buffer. Experiments showed that when the electrical double layer dominated the
nanochannel, the conductance was linearly related to the surface charge density.
2.6.2.3 Current rectification and ion selection

Figure 2.7 shows that inside the nanochannel, the electric potential (shown as a green curve) is
not equal to the bulk potential even far away from the channel wall. Whereas in the microchannel,
the electric potential decays rapidly to its bulk value in a distance of the order of the Debye length.
The cation concentration (red curve) in the nanochannel is much higher than the anion
concentration (blue curve), whereas the concentration of cations (red) and anions (blue) in the
microchannel is equal to the bulk concentration.[79]
If the diameter of a nanochannel is in the same scale of the double layer thickness λD, the
concentration of anions is much lower than that of cations.[75] Therefore the channel could serve
as a device for rectifying current. Only ions with the charge contrary to the surface charge can
pass the nanochannel easily and ions with the same type of the charge will be propelled out of the
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channel. The phenomena can be magnified for a conical shape nanopore/nanochannel. A large
amount of cations will enter into the wide opening of the conical nanopore/nanochannel and
move toward the narrow ending of the conical nanopore/nanochannel under a positive potential.
However, a very few number of anions will come back under a negative potential.

Fig 2.6 The distribution of ions and electric potential inside nanochannel and microchannel. Red
line stands for concentration of cation, blue line stands for concentration of anion, green line
stands for the electric potential.[75]

2.6.2.4 Ion depletion & concentration polarization

Due to the existence of the electrical double layer, the amount of cations and anions passing
through a nanochannel is different. The phenomenon is even more significant at the nanoscale
when the surface-to-volume ratio is high and the two double layers from opposite channel walls
are overlapping to each other. The ion enrichment and depletion in the inlet and outlet of the
nanochannel could form an inner electric field and ion distribution, which influences the bulk
flow and conductance of the device.[80, 81]
Figure 2.8 shows the distribution of ions in both sides of the nanochannel. Cations are
accumulated or depleted under an electric field. However, due to the strong electrostatic
interaction between any unscreened ions, concentration of both positive and negative ions will be
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affected, leading to ion concentration gradients.[80] In the steady state, ion concentrations on
both sides of the nanochannel shift either toward higher (on the cathodic side) or lower (on the
anodic side), depending on the amount of ion current going through the membrane.

Fig 2.7 The ion concentration and potential distribution in a nanofluidic system, where the
nanochannel has negative charged surface and selectively allow the cations to pass through the
channel.[81]
Concentration polarization is more likely to happen in low salt concentration condition, but on
high salt condition, it can still occur under certain voltage bias and other parameters. For those
circumstances, some researchers also suggest that sometimes concentration polarization is a
positive feed back and could be a non-equilibrium process.[80, 82]

2.6.3 Basic physics of electrokinetics
2.6.3.1 Electro-osmosis

When an electric field is applied parallel to the slip plane of electrical double layer, movement
of liquid adjacent to the wall occurs. If the channel wall is negatively charged, the net excess of

37

cations in EDL will draw the liquid along toward the cathode. The maximum velocity is obtained
at a certain distance from the wall, which can be described as,

vEOF = !

! 0!r" E x
= !µ EOF E x
#

The flow front of EOF is show in Fig 2.31. The shape of the flow front is caused by the
distribution of ions inside the channel.[83] Mobile cations are dominant on the slip plane and
form a flow similar to the direction of the electric field. Fluid in the center part of channel is
dragged by the edge due to the viscosity.

Fig 2.8 The flow front of an EOF flow. Notice the motion of the center of flow is dragged by the
slip layer from EDL
In a small nanochannel, especially when ion concentration is low, the EDLs will overlap and
therefore affect EOF. Under this condition, the osmotic velocity is dependent on the potential
distribution !(z) between two surface as follows,

vEOF = !

! 0!r" E x
"(z)
(1!
)
#
"

2.6.3.2 Electrophoresis

Similar to the electrical double layer formed on charged channel surfaces, an EDL layer is also
formed around any charged particles in free solution. Electrophoresis is caused by the EDL over
charged particles inside solution. Overall the charged macro particles are electroneutral inside
solution because a thin EDL layer mainly with counter-ions will automatically form around the
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particle. The major difference between EDL on a particle and EDL on a surface is that the
counter-ions of EDL around a particle are not fixed. Under electric field, the movement of
counter-ions drags the fluid around the particle, because of the viscosity of the aqueous medium,
the fluid is stationary on a global scale. This results in ion movement as the molecule is pushed
backward in the opposite direction.[84]
For a thin EDL case, electrophoresis is converse of electro-osmosis. The velocity and mobility
is give as:

vEP =

! 0!r" E x
= µ EP E x
#

For thick EDL case, µ EOF =

2! 0! r"
.
3#

2.6.3.3 Streaming potential & Electroviscous effect

When a liquid is forced to flow through a small channel under hydrostatic pressure, ions in the
mobile part of the EDL are carried downstream. But the amount of counter-ions passing through
the channel is more than the amount of co-ions. The accumulation of ions downstream sets up an
electric field, which causes a current to flow in the opposite direction.
This potential will produce a back-flow by electro-osmosis, and the net effect is a diminished
flow in the forward direction. The liquid appears to exhibit an enhanced viscosity if its flow rate
is compared to the flow without the EDL effect.
One application for the potential developed by hydrodynamic flow through a nanochannel is a
nanofluidic battery. Daiguji et al [75] suggested a battery running by the streaming potential as it
shows in Fig 2.32. One more phenomena show in the picture is the flow front of hydrodynamic
flow. Compare to the plug-shape EOF flow front shown in Fig 2.31, the hydrodynamic flow front
is a parabolic shape. It is caused by the pressure driving the flow and the drag from the wall of the
nanochannel.
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Fig 2.9 Schematic of a nanofluidic battery running by streaming potential from hydrodynamic
flow though a nanochannel, and the electric potential and ionic concentration profiles (b) along xaxis and (c) along y-axis. Dashed line stands for 0 Volt, solid line stands for 0.2 Volt

2.6.4 Model for electrokinetics in nanofluidic system
The space-charge model is one of the most complete physical interpretations of ion transport
through nanometer-sized channels, which are assumed to be straight and bear a surface charge. It
consists of three parts: (1) the Poisson equation for the distribution of the electric potential in
nanochannels, (2) the Nernst-Planck equation for ion transport, and (3) the Navies-Stokes
equations for laminar volumetric fluid flow.
2.6.4.1 Poisson equation

The electric potential is divided into two parts ! = ! (x, z) + " (x) , where x axis is the
direction along the nanochannel, z axis is the direction transverse the channel, ! originates from
surface charge and

! is due to the streaming potential. The model is under two assumptions: 1)

the variation of potential in x-axis is much small then in z-axis and 2) the concentration variation
in z direction follows the equilibrium Boltzmann distribution.[74]

40

With these two assumptions, the electric potential in nanochannel is given by:

! 2! = "

F 2
# zici , z is the concentration of ion and c is its charge density, here I = 1 and 2
"r" 0 i=1

stand for cations and anions, respectively.
2.6.4.2 Navier-Stokes equation

The Navier-Stokes model is a physical description of the transport properties of matter and
starts from the flux equations for each ionic species. The hydrostatic pressure increase in the
double layer directly follows from the Navier–Stokes equation as a result of the body force
exerted by the electrical field on the local net charge density.[74, 84]
The total flux of ion i is given by Ji = !Di "ci !

zi F
Di ci "# ± vc ci
RT

This equation is the sum of three terms:
1. Diffusion of molecules due to a chemical potential gradient or concentration gradient
2. The flux due to the electric potential.
3. Convective transport, which can be due to pressure, mechanical stirring, and external fields
such as electric and magnetic fields.

2.6.4.3 Poisson-Nernst-Planck model

The Poisson-Nernst-Planck model is the combination of two parts: Poisson equation and
Nernst-Planck equation. The relationship between the electric potential and ion concentrations is
described by the Poisson equation. The flow distribution is given by the Navier-Stokes equation,
describing pressure and electrical force driven flow.[74, 84]
For incompressible Newtonian fluids with constant viscosity, the movement is given by:

41

!vc = 0
2

2

"!p " Fb # zi ci !! " Fb # zi ci !" + #! 2 vc = 0
i=1

i=1

As it shows in the equation, three forces acting on fluid inside the nanochannel: 1) a
mechanical force due to the internally generated pressure gradient 2) a body force that develops
because of the polarization of the EDL (caused by the concentration gradient through the
nanochannel), and 3) a second body force caused by the streaming potential (the flow component
due to the latter force is the electro-osmotic flow). All these forces balance the viscous force
generated for the motion.

2.7 Conclusion
This chapter summarizes the background of DNA analysis techniques, shows the possibility of
single molecule analysis by platform achieved by micro/nanofabrication. Comparing to other
fabrication methods to build nanochannel, nanoimprinting lithography on thermal plastic material
with polymer stamp shows its advantage of low cost and high-throughput.
The basic ion transportation properties are also discussed in this chapter, Due to the onedimensional structure and high surface/volume ratio, some unique phenomena exist for
nanofluidic devices. The understanding of these theory benefits the following design and
experiment sections.
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CHAPTER 3. EXPERIMENT METHODS
3.1 Introduction
The experiment work for this dissertation mainly consists of two parts: (1) the first part is to
develop a low cost fabrication technology for nanochannel-based fluidic devices via nanomolding
or nanoimprint lithography and (2) the second part concerns the experiments related to
translocation of biomolecules such as DNAs through nanochannels in the manufactured
nanofluidic system.
The fabrication of the nanochannel-based fluid device comprises the following four
consecutive steps: (1) fabrication of silicon master mold containing with designed nanofluidic
structures, (2) fabrication of UV resin stamps by UV imprinting with the silicon master mold, (3)
patterning of the nanofluidic structure in the target PMMA substrate, and (4) bonding of the cover
plate to complete enclosed fluidic systems.
The translocation experiments with the nanofluidic system consist of (1) a leakage test of the
nanofluidic system by fluorescein, (2) translocation of DNA molecules through the nanochannels
in the nanofluidic system, and (3) current rectify and blockage properties. The experiment
procedure also includes pre-wetting of the fluidic device and the preparation of the buffer solution,

3.2 Silicon master mold fabrication
3.2.1. Design of nanofluidic structures
Here show the design of your nanofluidic structures.
In order to fabricate nanoimprinting stamps for the designed nanofluidic structures, a
hierarchical combination of micro and nanofabrication techniques has been employed. The
overall process scheme is described in Fig. 3.1. Fluidic networks consisting of fluid reservoirs
and microchannels have been built using conventional photolithography. This was followed by
milling of nanochannels using focused ion beam (FIB) in the pre-patterned substrate.
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Fig 3.1 Major processes of the fabrication of Si master mold

3.2.1 Photomask design
One example of the design of the photomasks used for microfluidic network structures in the
nanofluidic device is shown in Fig 3.2. The fluid reservoir and microchannels are defined at the
photomask and was then transferred to silicon substrate.
One positive and one negative mask were generated on behalf of positive and negative
photoresist process, respectively. Positive photo-mask was more often used due to the high
resolution of the positive photoresist in the formation of sub-5 µm sized patterns. Negative masks
were used for fabricate the stamp consisting of patterns in SU-8 on silicon substrate, which were
used as stamps to compare the ease of demolding to that with UV-resist stamps.
A pattern generator (Mann 600 Pattern Generator) in the microfabrication facility of the
Center for Advanced Microstructure & Device (CAMD), LSU was employed to generate the
photomask. A soda-lime glass blank mask from Telic Corporation, (Valencia, CA) coated with
AZ1500 resist (Hoeschst Celanese Corporation, Sommerville, NJ) and a Cr base layer was
irradiated with UV light according to the designed pattern. The exposed resist area was removed
by developing for 90 s in AZ400k developer from Hoechst Celanese Corporation (Sommerville
NJ). The mask was then subsequently dipped in a de-ionized (DI) water bath for 5 min and in a
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Cr etching bath for 60 s. Etching of the Cr layer resulted in opening of the window to the glass
substrate beneath. The mask was again immersed in DI water for 5 min and then in acetone for 5
min in order to remove the residual resist layer. The mask was then washed in flowing DI water
to remove acetone and blow dried with N2.

Fig 3.2 structure design and photomask design. (a) & (b) positive mask; (c) and (d) negative
mask; (a) & (c): whole fluidic system; (b) & (d) the enlarge of the center pillars in microchannel
and nanochannel area

3.2.2 Microfabrication of fluidic networks
Fluid reservoirs and microchannels were defined in Si substrate by conventional
microfabrication processes.
Firstly, a 100 nm Cr layer was coated on <100> oriented silicon surface using an electron
beam deposition system (Temescal BJD-1800 E-Beam Deposition System). It serves as the
protection layer or mask for silicon wet etching with KOH in the following step. The Cr coated
silicon substrate was further spin-coated with S1813 positive photoresist (Shipley Company,
Marlborough, MA) at 2000 rpm for 60 s and baked at 95° C for 90 s, resulting in a 2 µm thick
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resist S1813 layer formed on the wafer. The pattern of parallel microchannels on the mask was
then aligned to the <100> direction of the silicon substrate. Then, UV exposure was performed
using a Quintel UL 7000-OBS aligner and DUV exposure station (Quintel Corporation, Morgan
Hill, CA) at a dosage of 70 mJ. The exposed wafer was developed in MF 319 developer solution
for 120 s. The wafer was then washed in DI water for 2 min and blow-dried with N2.
The patterned Si wafer was then immersed in a Cr etch bath for 60 s or until the Cr layer at the
opened window was fully removed. Etching of the Cr layer resulted in opening etching windows
for the following silicon wet etching process. A subsequent DI water immersion was performed
for 5 min followed by an acetone bath treatment for 5 min to remove the resist layer.
Silicon wet etching was performed in 30 % KOH solution, a 10 % of isopropyl alcohol (IPA)
was added to the etching solution to improve the etched surface flatness. The solution was heated
up to around 65°C, and the silicon wafer was etched from 5 min to 25 min depending on the
requirement of the channel depth.
The etching rate of silicon wet etch and dry etch was experimentally measured. A dummy
<100> wafer with chrome layer and etching window on was tested under 30% KOH solution and
10% IPA. The etching depth was measured by the mechanical surface profile meter. The Fig 3.3
shows the etching rate at temperature of 65°C. The estimated etching rate was about 0.47µm/min.
Different temperatures were also performed to measure the etching rate. Experimental results
showed that at the temperature of 61°C the etching rate was 0.17 µm/min, and the etching rate at
69°C was 0.71 µm/min. One can tell from the various etching rates at different temperatures that
for silicon wet etching control of the etching temperature is critical for a stable etching rate.
Considering also the roughness of etched silicon surface together with the time required for the
etching, the etching temperature and rate of 65°C and 0.47 µm/min, respectively, were selected
for use in the device fabrication.
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Fig 3.3 Wet etching rate of silicon under 30% KOH solution at 65°C
After silicon wet etching, the wafer was washed in DI water, IPA and acetone in sequence.
The residue Cr layer was removed by immersing in Cr etching solution. The wafer was then
washed with DI water and acetone several times. Hot piranha solution (a 3:1 mixture of sulfuric
acid (H2SO4) and hydrogen peroxide (H2O2)) was applied to clean organic residues off the silicon
master. The silicon wafer was immersed in the fresh and hot piranha solution for 30 min to
remove any residue. After that, the silicon wafer was washed with DI water and acetone and
blow-cleaned with compressed N2 to prepare for the next nanopatterning process.

3.2.3 Nanopatterning by focused ion beam lithography
On the substrate surface pre-patterned with fluidic reservoirs and microchannels, Nanopatterns
were subsequently milled by focus ion beam (FIB) lithography (FEI Quanta 3D FEG). Submicron scale inlet patterns, trapezoid structures were mill step by step with various apertures and
driving current.
After introducing the pre-patterned silicon substrate into the FIB chamber, High vacuum was
first achieved inside chamber in order to work with high-energy electron gun and ion gun. Prepatterned silicon substrate was focused under a scanning electron microscope (SEM) in the FIB
system and was tilted by 52° for the operation of the Ga gun for FIB. The selection of aperture
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and current depends on the size of pattern to be milled. Generally the selection of apertures was
listed in Table 3.1.
Table 3.1 The pattern size and corresponding FIB aperture
Pattern size

Aperture

10 ~ 20 µm

65nA, 30nA

5 ~ 10 µm

7nA, 15nA

2 ~ 5 µm

3nA, 7nA

500 nm ~ 2 µm

0.6nA, 1nA, 3nA

100 nm ~ 500 nm

50pA, 0.1nA, 0.3nA

< 100 nm

50pA, 10pA

3.3 Pattern transfer by nanoimprint lithography
3.3.1 Anti-adhesion coating
In order to reduce the adhesion between stamp and imprint resist, an anti-adhesive layer was
coated on the stamp surface. This was achieved by coating the Si stamps with a fluorinated silane
using a vapor phase deposition process. The silane molecule used in this study as an anti-adhesion
coating is 1H,1H,2H,2H-Perfluorodecyltrichlorosilane, i.e., C10H4Cl3F17Si. This molecule consists
of a head group with three chlorosilanes and a fluorinated, long carbon chain.
Prior to silane coating, Si stamps were cleaned sequentially with acetone, isopropanol, and DI
water and then exposed to O2 plasma for about 2 min in order to produce the hydroxylated Si
surface. The stamp is blow-cleaned with a N2 gun to remove any dirt on the surface and loaded
into the CVD chamber. The chamber is evacuated until a base pressure (around 2 × 10-1 Torr) is
reached. After closing the valve to the pump, the valve to the ampule filled with the fluorinated
silane is opened and the sample is exposed to the silane vapor for 30 min. After that, the valve to
the ampule is closed and the chamber is again evacuated to the base pressure before venting the
chamber with Ar gas. After removing the sample, the chamber is subsequently cleaned with
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acetone and pumped again to the base pressure so that the system is kept under vacuum until the
next use.

Fig 3.4 Chemical structure of 1H,1H,2H,2H-Perfluorodecyltrichlorosilane.

3.3.2 Fabrication of UV resin stamp by UV nanoimprint lithography
A UV curable resin usually consists of a mixture of base, cross-linking agent and
photoinitiator. Two different base materials were used to mix the UV resins used for producing
UV resin stamps: Polypropylene glycol diacrylate (PPGDA) and tripropylene glycol diacrylate
(TPGDA). The PPGDA based UV resin consists of 70% PPGDA as base, 28% of TMPTA as
cross-linking agent, and 2% of Irgacure 651 as photoinitiator. The chemical structures for those
chemicals are shown in Fig. 3.5. The PPGDA based UV-resin has a Young’s modulus of 65 ± 2.5
MPa, as measured by a mechanical tester (MTS). The TPGDA based UV resin consists of 70%
TPGDA as base, 28% of TMPTA as cross-linking agent, and 2% of Irgacure 651 as photoinitiator.
Compared to that of the PPGDA based UV resin, the Young’s modulus of the TPGDA based UV
resin is much higher (698 ± 52 MPa).

Fig 3.5 Chemical component of PPGDA based UV resin.
After blending, those components were well mixed with a magnetic stirrer for more than 24
hours before use. Glass and cycloolefin copolymer (COC, TOPAS 6017, TOPAS Advanced
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Polymers, Florence KY) were used as substrate. The fabrication process for UV resin stamps is
shown in Fig. X.X. A Glass slide was treated with oxygen plasma at 30 W for 3 min to enhance
adhesion at the UV resin/substrate interface. When COC is used as substrate, the COC surface
was sanded with a fine sand paper with XXX grit number to increase the surface roughness. The
glass or COC surface was then coated with a UV resin by dispensing it by a pipette. Then, the
silicon master stamp was placed on the UV resin-coated substrate and gently pressed on it in
order to ensure complete filling of the resin into stamp cavities. This was followed by an
exposure of UV light for 30 sec for curing in our NIL system (Obducat 6”). The UV lamp used
for curing has an intensity of 1.8 W/cm2 and the broadband wavelength with a cutoff angle of 400
nm and the maximum wavelength intensity at ~365 nm. After curing, the UV-curable resin was
demolded from the silicon mold to get the negative copy in the cured UV resin.

Fig 3.6 The fabrication process to build a UV resin stamp from silicon master by UV-imprinting
lithography
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The NIL system used for UV imprinting lithography was also used for the following thermal
imprinting and bonding process. All the operations were performed in a 10,000 class modular
cleanroom.

3.3.3 Thermal imprinting for patterning the target substrate
The process scheme for thermal nanoimprinting into polymer substrate is shown in Fig 3.6
The process was performed using a commercial NIL system (Obducat 6”). Prior to NIL, the target
PMMA substrate was drilled to form holes for fluid reservoirs. For actual NIL, the UV-resin
stamp was put on the sample stage of the NIL system with the structures facing upward. Then, the
target PMMA substrate with previous drilled holes was put on the UV resin stamp. A rubber
sheet was put on top of the stack of the substrate/stamp in order to reach the required height for
operating the NIL machine.
In order to achieve the best pattern transfer fidelity, a temperature 30 – 80°C higher than the
glass temperature (TG) of PMMA (~ 110°C) and high pressure over 30 bar are usually required
for the imprinting process. For our approach, however, the use of high temperature and pressure
is not appropriate, which is entailed by the use of polymer stamp. First, the structures in the UVresin stamp will deform significantly at high imprinting temperature and pressure. Second, the
pre-drilled holes for the reservoir in the target PMMA substrate might be closed and blocked
during high temperature imprinting.
In order to reach the best transfer fidelity, we try to do an imprinting at lower temperature and
pressure. The optimized imprinting process was consists of three basic steps:
1) pre-heating: The stamp and substrate were heated to the imprinting temperature and
maintained at that temperature for 5 min before applying any pressure, so that the desired
temperature can be reached and homogenously distributed on the whole substrate. No pressure
was added before the target PMMA substrate was softened enough, so that the deformation of
structures in the UV stamp was minimized.
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2) imprinting: The imprinting pressure was then added and performed for 5 min while
maintaining the imprinting temperature.

Fig 3.7 The fabrication of polymer copy by thermal imprinting process
3) step-cooling: While maintaining the imprinting pressure, both stamp and substrate were
cooled down stepwise. A program was written to control the cool-down process, so it was cooling
down slowly. Typically it took 3 min to cool from 133°C to 65°C.

Fig 3.8 The process of thermal imprinting. Top: monitoring of temperature, green line: target
temperature, yellow line: real temperature, blue line: demolding temperature; bottom: monitoring
of pressure, white line: real pressure, green line: base pressure
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These parameters for a typical imprinting process are shown in Fig 3.8. In the figure, the
imprinting temperature is 133°C; the preheating lasts for 1 min; when cooling down, the
temperature drops down by 15 - 20°C at each step and maintains at that temperature for 30 sec.
Demolding of the molded target PMMA substrate is usually easy. Sometimes the substrate
was peeled off from the UV resin stamp spontaneously without applying any force to remove it.
When demolding is needed, a sharp razor blade was used to assist the demolding. The UV resin
stamp can be reused for more than 10 times without any significant degradation of the replication
fidelity.

3.4 Bonding of a cover plate
Oxygen plasma assisted thermal fusion bonding and solvent assisted bonding were used for
the bonding of a PMMA cover plate to the molded PMMA substrate in order to complete the
formation of enclosed nanochannel based fluidic systems. A 125 mm thick PMMA sheet
(Goodfellow Corporation) was used as the cover plate for both the bonding methods.
In order to find the oxygen plasma treatment conditions that are suitable for the bonding, the
PMMA samples were treated under different Reactive-ion etching (RIE) conditions and water
contact angles on the PMMA samples were measured manually, as shown in Fig. 3.9. The results
of the PMMA treatment and optimization of bonding parameters are shown in Chapter 4.

Fig 3.9 The measurement of water contact angle
For oxygen plasma assisted thermal bonding, both the patterned PMMA substrate and the
cover plate were treated with oxygen plasma at 15 W for 15 sec. The chamber pressure was 450
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mTorr. Immediately after the treatment, the substrate and cover plate were put together and
bonded by applying pressure using the NIL system at 85°C and 10 bar for 10 min. Our NIL
system utilizes air pressure for the pressure application, which ensures homogeneous pressure
application over the entire sample surface.
For solvent assisted bonding, solvent consisting of 47.5 % DMSO, 47.5 % DI Water, and 5 %
Methanol was stirred for at least 1 hour before usage. One drop of the solvent was dispensed on
the substrate and the cover slide was placed on the substrate. Air bubbles were carefully driven
away when the cover slip was laid down. The bonding was performed at 65°C under pressure of
10 bar for 10 min. This temperature is significantly lower than the temperature normally used for
thermal bonding of microfluidic chips. After bonding, weak vacuum was pulled from the fluid
reservoir to remove the residue solvent inside the micro and nanochannels.

3.5 Fluidic experiments with nanochannel based fluidic systems
3.5.1 Preparation of DNA solution
Two different DNAs, i.e. λ-DNA and T4 DNA were used for the study of DNA translocation
through the nanochannels in the nanofluidic system.
λ-DNA (New England Biolabs, Ipswich, USA) is a linear bacteriophage DNA with length of
48.5 kbp. It has a 12 base long single stranded overhang that is complimentary to the others. This
leads to concatenated molecules in free solution, especially at high molecule concentration. To
avoid the concatenated molecules, the DNA solution can be heated up to 50°C for 15 min and
quenched in icy water for a minute.[1] T4 DNA (T4 GT7 DNA, Nippon Gene, Tokyo) is a linear
bacteriophage DNA with length of 166 kbp.
Tris-Acetate EDTA buffer (TAE) and Tris–borate– EDTA (TBE) buffers were used for the
preparation of DNA solution. TAE buffer was diluted from concentrated buffer (10× TAE, Sigma,
Saint Louis, MO) by DI water. The 1x TAE buffer consists of 40 mM Tris, 20 mM acetate and 1
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mM EDTA and its pH is 8.3. TBE buffer was also diluted from concentrated buffer (10× TBE,
Sigma, Saint Louis, MO). 1x TBE consists of 89 mM tris, 89 mM boric acid, and 2 mM EDTA,
with its pH being 8.3. These two buffers are suitable for DNA electrophoresis due to their low
conductivity. The existence of EDTA scavenges multivalent metal ions, in particular magnesium
(Mg2+), preventing enzymatic degradation of the DNA.
For particular experiments that require high conductance and high salt concentration, a certain
amount of KCl was added to the buffer for the desired salt concentration.
Dimeric cyanine dyes, such as YOYO-1, are known for its ability on single molecule detection
due to their large quantum yields, molar absorption coefficients, and roughly 1000-fold
enhancement of fluorescence signal upon binding to dsDNA. Due to the above reasons, we
selected the YOYO-1 dye for detection of single DNA molecules. Other dyes such as SYBR
Green and YOPRO were also tried. However, experiments showed that they were not appropriate
for single molecule detection.

Fig 3.10 (LEFT) Excitation (solid)/emission (dashed) spectra of YOYO-1; Inset: schematic shows
the dye intercalating in DNA. (RIGHT) Chemical structure of YOYO-1.

Since the single YOYO-1 dye molecule has +4 charge. The intercalation of the dye neutralizes
the DNA molecule. In addition to that, exceeding the maximum dye-loading ratio will cause the
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dye to bind in alternative binding modes such as intercalation of a single chromophore and
electrostatic binding to the DNA backbone. For dye-loading close to the maximum, it takes a
significant amount of time for the dye molecules to rearrange along the DNA by diffusion in
order to establish equilibrium.[2, 3] In practice dye/basepair concentration of 1:5, 1:10 an 1:20
were used. In order to prevent the photobleach of dye, 3% β-Mercaptoethanol was added as antiphotobleaching agent.
The photocleavage of YOYO-1 dye DNA is another problem for our fluorescence detection
system. Since we’re working on genomic length DNAs, they can be broken easily under shear
force, vibration, or strong light. The photocleavage of intercalating dyed DNAs is well known.[46] To prevent the breakage of DNAs, the oxygen scavenger system was employed. The enzymatic
oxygen scavenger system consists of 0.2 mg/mL glucose oxidase, 0.04 mg/mL catalase and 4
mg/mL b-D-glucose. The reaction mechanism of the oxygen scavenge is:

β − D − glucose + O2 ⎯glucose
⎯ ⎯oxydise
⎯
⎯→ gluconic acid + H 2 O2

€

1
H2O2 ⎯catalase
⎯⎯→ H2O+ O2
2
So, the total result is

€

1
/ catalase
β − D − glucose + O2 ⎯glucose
⎯ ⎯oxydise
⎯ ⎯
⎯⎯→ gluconic acid +H2O + O2
2
The amount of O2 in the solution is consumed during the process.

€

Glucose oxidase can be utilized in the enzymatic determination of D-glucose in solution.
Although glucose oxidase is specific for β-D-glucose, solutions of D-glucose can be quantified as
α-D-glucose will mutorotate to β-D-glucose as the β-D-glucose is consumed by the enzymatic
reaction.
The stock DNA solution was prepared at concentration of 5 µg/ml λ-DNA or T4 DNA
solution in 1x TAE or 1x TBE buffer, YOYO-1 dye concentration at 20:1, 10:1 or 5:1. The
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solution was incubated for 2 hours at room temperature for the interaction between dye and DNA
molecules.
For DNA translocation experiments, fresh buffer with the enzymatic oxygen scavenge system
was prepared, the desired mount of stock DNA solution was then diluted in the fresh buffer, the
typical concentration for the translocation test is 0.2 µg/ml. 3% β-Mercaptoethanol was added as
anti-photobleaching agent.
A leakage test would be performed if there was a suspicion on the chip blockage or leakage.
The fluorescence solution consists of 0.1 mM fluorescent dye (fluorescein isothiocyanate 1 mM/L,
Sigma-Aldrich, Inc.) in the 1x TAE or 1x TBA buffer. 3% β-Mercaptoethanol was added to
minimize the quenching of fluorescent dye.

3.5.2 Fluorescence image/video capture
An inverted microscope (Axiovert 200 M, Carl Zeiss, Thornwood, NY) with a set of
fluorescent attachments (Xe arc lamp, filter set with excitation at 450-490 nm, emission at 515565 nm, Carl Zeiss) and an electron multiplying charge coupled device (EMCCD, PhontonMax
512B, Princeton Instruments, Trenton, NJ) were used for observing the fluorescence image. A
100×/1.3 NA oil immersion objective (Carl Zeiss) was mainly used for the observation.
The on-chip multiplication gain of the EMCCD system was critical for achieving good image
quality. Because we are working on single molecules, the intensity of the dye was weak. The
EMCCD can generate secondary electrons in the silicon by impact ionization and multiply the
signal. In our experiments, the leakage test did not require the multiplication gain because the
fluorescein concentration was high. However, the DNA translocation test required the gain of
2000-4000.
Two modes of EMCCD were used for video capturing. The time of exposure for each frame
and the time between each frame were different for each mode. To know the exact time is critical
because we intended to compare the DNA translocation video with the blockade current
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measured by Patch Clamp to obtain the time-of-flight information for the DNA translocation
through the nanochannel.
For the non-overlap mode of EMCCD, the exposure and data transfer was performed one after
another. An example was given in Fig 3.11. Every frame in the sequence was precisely exposed
for the time specified. Once the frame was taken, a certain amount of time was required for the
data transfer. The camera was shut down during this period of time. So the total time for each
frame was the combination of these two processes. However, the exposure time was only part of
the frame time.

Fig 3.11 Timing diagram for non-overlap mode of EMCCD
For the overlap mode, the exposure and data transfer was performed simultaneously. The time
for each frame was decided by the longer one of the exposure time and readout time. In the
example given in Fig 3.12, the exposure time was set longer than the readout time, so that the
exposure time is the time for each frame. On the contrary, if the exposure time was set shorter
than the readout time, the frame rate of video was decided only by the readout time.
In experiments, we always tried set the exposure time longer than the readout time when using
the overlap mode, so that the camera can receive the maximum amount of incoming light.

64

Fig 3.12 Timing diagram for the overlap mode of EMCCD when the exposure Time is larger than
the readout time
The exposure time was set up in camera control software, however, the Readout Time was
decided by the size of the picture. By only recording a field of interesting (FOI) region, the
readout time could be reduced and a higher frame rate was achieved.

3.5.3 DNA translocation experiment
Before DNA solution was introduced into the nanochannel, the whole micro/nanofluidic
system was washed with freshly made, oxygen scavenged buffer for 5 min. For the chips made by
oxygen plasma assisted bonding, normally buffer will automatically fill the channel by surface
tension force once the solution was dropped on the reservoir. For the chips with solvent assisted
bonding, a vacuum pump was used to pump the gas out from the outlet reservoir and assisted the
wetting of the channel. Once the channel was filled with buffer, it was pumped out and filled with
fresh buffer again. By washing the channel several times, the residue could be removed and the
surface of PMMA was wet.
The DNA solution should be filled slowly into the microchannels to avoid large shearing force
from the laminar flow inside the microchannels. Once the channel was filled with DNA solution,
a large drop of solution was left at the reservoir, so it will not dry out during the experiments. The
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dry out of buffer in micro/nanochannel or reservoirs must be avoided, because the precipitates
from the solution can easily block the fluidic channel.
The top and bottom microchannels were filled separately. Generally there was no problem to
wet the nanochannel, but sometimes an air bubble could be trapped at the inlet or outlet of the
nanochannel. Then, the bubble could be removed by washing the microchannel several times or
by waiting for long enough time.
DNA translocation experiments were performed by electrophoresis, which drives DNA
molecules through the nanochannel. DNA molecules were driven by a DC power source, AC
power source or patch clamp. For the DC and AC power source, a pair of Pt electrodes was used.
The Pt wires were soldered to commercial copper wires and connected to the anode and cathode
of the power source. One of the Pt wires was then put into the one of the top reservoirs while the
other Pt wire was put into one of the bottom reservoirs. A DC or AC power was then added to the
chip and the motion of DNA was observed by the fluorescence microscope.
During the experiments, the chip was fixed on an insulator sample holder and the DNA
solution was introduced into the fluidic system.

Fig 3.13 (Left) The fluorescence microscope system and (Right) a DNA translocation experiment
running by 3 Pt electrodes.
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A patch clamp was also used to drive DNA translocation through the nanochannel. While the
DNA molecule was passing, the patch clamp measured the current variation corresponding to the
motion of the DNA molecule. For this, a pair of Ag/AgCl electrode was used for a low noise
measurement.
In the electrode area, the following redox reaction takes place;

Ag+ + e! "$
# Ag(solid)
AgCl(solid)"$
# Ag+ + Cl !
The entire reaction is written as;

AgCl(solid) + e! "$
# Ag(solid) + Cl !
This reaction is characterized by fast electrode kinetics, so that a sufficiently high current can
be passed through the electrode with 100% efficiency of the redox reaction. With the Ag/AgCl
electrodes, the reference potential of the electrode to that of the solution was constant and
therefore the floating and drifting of current versus time (I-t) curve were not suppressed.
The AgCl wire was made by dipping the polished Ag wire into Clorox or bleach for 1 hour.
Since we are working on a pA level signal and pursuing the minimal noise, the Ag/AgCl wire was
polished and coated everyday before the measurement.
Current measurements were performed on the whole cell mode of the Axopatch 200B
amplifier and Digidata 1440A that serves as the Analog-to-Digital and Digital-to-Analog
(AD/DA) converter. Data acquisition and analysis was performed using the pCLAMP 10
software. Signal sampled at a rate of 100 kHz with internal low-pass Bessel filter set at 10 kHz.
A Faraday cage was essential for the low noise test. Experiments showed that a Faraday cage
could reduce the 60 Hz noise level from ~5 nA down to ~20 pA. Vibration should also be avoided
in order to reduce the noise level.
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In conclusion, this chapter gives the experiment methods and conditions for the chip
fabrication process and fluorescence image analysis of DNA molecule inside the nanofluidic
system.
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CHAPTER
4.
FABRICATION
OF
POLYMERIC
NANOFLUIDIC CHIP BY DIRECT IMPRINTING
4.1 Introduction
Development of all polymer-based nanofluidic devices using replication technologies, which
is a prerequisite for providing devices for a larger user base, is hampered by undesired substrate
deformation associated with the replication of multi-scale structures. Therefore, most nanofluidic
devices have been fabricated in glass-like substrates or in a polymer resist layer coated on a hard
substrate. Here, we present a rapid, high fidelity direct imprinting process to build all polymerbased nanofluidic devices in a single step. Undesired substrate deformation during imprinting was
significantly reduced through the use of a polymer stamp made from a UV-curable resin. The
integrity of the enclosed all polymer-based nanofluidic system was verified by a fluorescein
filling experiment and translocation/stretching of DNA molecules through the nanochannels.
This chapter will describe the fabrication process for all polymer-based nanofluidic devices,
which include the following four major steps: (1) fabrication of silicon masters with designed
nanofluidic structures by a hierarchical combination of photolithography and focused ion beam
(FIB) lithography; (2) replication of the silicon master structures into an intermediate UV resin
layer on COC substrate by UV nanoimprint lithography (UV-NIL), which will be used as stamp
for thermal NIL in the next step; (3) thermal NIL into the target poly(methyl methacrylate)
(PMMA) substrate using the UV resin stamp; and (4) bonding of a cover plate to the patterned
PMMA substrate to complete the formation of the enclosed nanofluidic system.

4.2 Fabrication of silicon master
Microfluidic channels, reservoirs, nanochannel, and inlet structures were all built in silicon
master first. Due to the polymer stamp imprinting process, the pattern on PMMA substrate will be
the same as the master mold. The fabrication process for silicon master was shown as Fig 4.1, the
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micropatterns were defined by photolithography and wet etch. Nanopatterns were directly milled
by the FIB.

Fig 4.1 Fabrication flow of silicon master mold

4.2.1 Fabrication of micron scale patterns
A Cr layer was first coated on silicon substrate surface. Conventional photolithography was
employed to define the etching window for the microchannels and reservoirs. The Cr layer under
the etching window was then removed, and silicon wet etch was used to build the pattern. Details
on the process parameters are described in Chapter 3.2.
Because of the anisotropic nature of silicon wet etch in KOH solution, alignment of the
photomask along a certain direction of the silicon surface is needed in order to achieve a desired
sidewall profile for the micropatterns. The edge of the two parallel microchannels should be
parallel to the <100> direction of silicon surface. The alignment ensures that the (111) surface
with the slowest etching rate becomes parallel to the edge of defined microchannels, so that the
slope of the microchannel wall facing nanochannels is homogeneously along the channel. The
schematic diagram of the wet etching face of silicon is shown in Fig 4.2 It also shows that
pinholes on Cr layer will not affect the bulk structure, but will self-limit at a certain depth.
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Fig 4.2 Schematic diagram of the wet etching faces of silicon. In order to get surface with clear
edge, a fine alignment of etching window to the [100] orientation is required.

The etching rate of silicon wafer with <100> surface was measured experimentally. The
etchant is 30 wt% KOH solution mixed with 10% isopropyl alcohol (IPA). The etching
temperature was 65°C. The relationship between etched depth and time is as following.
Comparing to the dry etch of silicon by reactive ion etching (RIE) or deep reactive ion etching
(DRIE), the wet silicon etch is more appropriate for fabricating stamps for nanoimprinting. First,
the anisotropic nature of silicon wet etch forms the wall of microchannels with an angle of 53° to
the silicon <100> surface. The tapered structure can be demolded easier than the near vertical
sidewall that can be achieved by RIE. Second, the roughness on the etched surface is mush less in
wet etching case compared to that of the RIE case. Fig 4.3 compares the surface roughness for
RIE etched and wet etched silicon surfaces. The smooth surface decreases the demolding force
and reduces the possibility of damaging the expansive nanopatterned stamps.
After the wet etching, the residue Cr layer was removed by Cr etching solution. The wafer was
then cleaned in boiling piranha solution to remove any organic residues on the surface. DI water
and acetone cleaning were followed after piranha cleaning. The cleaned wafer was the dried with
compressed nitrogen gas.
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Fig 4.3 SEM images of microchannels on silicon substrate etched by RIE (left) and KOH solution
(right). The wet etched microchannel has a tapered wall and smoother surface.

4.2.2 Fabrication of the nanopattern
FIB was used to mill the nanopatterns directly into the silicon substrate pre-patterned with
fluid reservoir and microchannel structures. Fig 4.5 shows a scanning electron microscope image
for an example of a silicon master stamp containing a funnel inlet and a nanochannel. The funnel
structure was produced by milling a series of trapezoids with decreasing dimensions. The size of
each trapezoid is listed in Table 4.1.
In order to avoid the blockage of small channels due to the re-deposition in the FIB milling
process, the large pattern was build first with a large aperture and then smaller patterns were built
with smaller apertures.

Fig 4.4 The SEM image of nanochannel and the sub-micron inlet structures (a funnel inlet).
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Table 4.1 The designed scale for each trapezoids in the funnel inlet
Trapezoid
#

Top edge
length (µm)

Bottom edge
length (µm)

Height
(µm)

Depth (µm)

1

20

50

6.5

10

2

12

20

6.5

6

3

6

12

6.5

4

4

4

6

6.5

3

5

1.8

4

6.5

2

6

1.2

1.5

6.5

1.2

7

0.8

1.2

3

0.8

8

0.6

0.8

3

0.6

9

0.5

0.6

3

0.5

10

0.35

0.5

3

0.35

11

0.26

0.35

3

0.26

12

0.2

0.26

3

0.2

13

0.15

0.2

2

0.15

14

0.12

0.15

2

0.12

15

0.09

0.12

2

0.09

16

0.075

0.09

2

0.075

4.3 The fabrication of polymer stamp
4.3.1 Anti-adhesion layer coating
In order to reduce the adhesion between stamp and imprint resist, an anti-adhesive layer is
coated on the stamp surface. This was achieved by coating the Si stamps with a fluorinated silane
using a vapor phase deposition process. The silane molecule used in this study as an anti-adhesion
coating is 1H,1H,2H,2H-Perfluorodecyltrichlorosilane, i.e., C10H4Cl3F17Si. This molecule consists
of a head group with three chlorosilanes and a fluorinated, long carbon chain.
Upon deposition, the chlorinated silane groups in the molecule formed bonds with the
hydroxylated Si surface with the presence of H2O on the surface, leaving volatile HCl gas (Figure
4.5). In addition, cross-linking between silane groups in the neighboring molecules also occurs,
leading to a coating layer with high density. Those reactions between the head group and the
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hydroxylated Si surface leave the fluorinated tail group at the surface side, which renders the
surface hydrophobic. As a result, the presence of a silane layer on Si lowers the adhesion force
between the polymer and the stamp, provides a easier demolding and reduces the possibility of
the breakage of expansive nanopatterned stamp.

Fig 4.5 Schematic diagram of silane molecule and the silane coating chemistry

4.3.2 UV nanoimprinting for UV resin stamps
A UV-curable polymeric blend containing 69 wt% tripropylene glycol diacrylate (TPGDA) as
the base, 29 wt% trimethylolpropane triacrylate as crosslinking agent, and 2 wt% Irgacure 651 as
photo-initiator, was selected as the material for polymer stamp. The silicon mold was coated with
the UV resin by dispensing with a pipette (Fig 4.1b). Then, a cycloolefin copolymer (COCTOPAS 6017, TOPAS Advanced Polymers, Florence KY) substrate was placed on the UV resincoated stamp and was gently pressed in order to ensure complete filling of the resin into mold
cavities. This was followed by an expose of UV light for 10 sec for curing. The UV lamp used for
curing has an intensity of 1.8 W/cm2; the broadband wavelength with a cut-off angle of 400 nm

74

and the maximum wavelength intensity at ~365 nm. After curing, the UV-curable resin was
gently demolded from the silicon mold to get the negative copy on UV-curable resin.
Other materials such as polycarbonate (PC) and glass have also been used as the substrate.
Thick PC substrate required a very long exposure time because it is poor in UV translucency.
Glass substrate has a weak adhesion to the UV resin. Even though the adhesion can be improved
by oxygen plasma treatment before coating with the UV resin, the adhesion was still not as good
as that for UV resin to COC substrate.

4.4 Nanoimprinting with polymer stamps
4.4.1 The fidelity of imprinted patterns.
The final fluidic structures formed in PMMA are shown in Fig 4.6. The funnel inlet of the
nanochannels smoothly narrowed the cross-section (both width and depth) from the micron to the
nanometer scale. This served to reduce the local entropic barrier to nanochannel entry, modified
the electric field distribution in the inlet area and restricted the DNA Brownian motion inside the
funnel. Consequently DNAs could be driven into the nanochannel by a relatively lower electric
field than that required for an abrupt dimensional change (micron → nm).

Fig 4.6 SEM images of the micro/nano fluidic system imprinted on PMMA substrate. An array of
nanochannels (only one is shown in the image) connected top and bottom transfer microchannels.
A funnel-like gradient inlet at the interface of the micro- and nanochannel reduced the channel
size from 30 µm x 10µm down to 75 nm x 75 nm in a step-by-step fashion.
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Because the silicon master was copied twice (silicon master → polymer stamp → PMMA
substrate) to produce the desired patterns, the original pattern in the silicon master had the same
polarity as the structures in PMMA, where all of the designed nanochannels and microfluidic
networks were patterned as recesses surrounded by a large unstructured area. The fabrication flow
was shown in Fig 4.7.

Fig 4.7 A schematic of the design and fabrication processes for the polymer-based nanofluidic
device. (a) Silicon master, which consisted of micron-scale transport channels and a funnel-like
inlet for the nanochannels; (b)-(d) fabrication steps to produce a protrusive polymer stamp in a
UV-curable resin by imprinting from the silicon master; (e)-(g) fabrication steps to generate
nanofluidic structures in PMMA by imprinting from the UV-curable resin stamp; (h) bonding
step with a PMMA cover slip to build the enclosed mixed-scale polymer device with
microchannels and nanochannels.
The fidelity during NIL with the UV-resin stamp into a PMMA substrate was evaluated using
scanning electron microscopy (SEM) and atomic force microscopy (AFM) by focusing on the
dimensional features of the nanochannels with respect to the design dimensions. AFM image of

76

the same group of nanochannels on silicon master stamp, UV resin stamp and target PMMA
substrate were shown in Fig 4.8, the cross-section data of nanochannel in each of these steps were
put together in Fig 4.9.

Silicon stamp

UV curable resin

PMMA

Fig 4.8 AFM image of the same group of low-aspect-ratio nanochannel on silicon master mold,
UV resin stamp and PMMA substrate. The channel width is 500 nm and height is 15 nm.

Fig 4.9 The cross-section of the same nanochannel on silicon master mold, UV resin stamp and
PMMA substrate respectively. The channel width is 500nm and height is 15nm. Data got from
the AFM image shown in Fig 4.8
As it shows in Fig 4.9, the cross-section of the transferred PMMA nanochannel is well
overlapped with that of the original silicon master mold. The transfer fidelity is almost 95%.
However, this happens only to the low aspect ration structures.
For patterns with higher aspect ratio, as shown in Fig. 4.10, the fidelity becomes worse. The
nanochannel in the PMMA substrate was shallower in depth and wider in width compared to the
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original patterns in silicon master. We attribute this mainly to the deformation of the UV resin
stamp structures under high pressure required for thermal nanoimprinting process. The
deformation is significant when the PPGDA based UV resin with Young’s modulus of 65±2.5
MPa was used as polymer stamp. It may be possible to improve the imprinting fidelity of highaspect ratio patterns by using TPGDA based UV resin, which has a higher Young’s modulus
value of 698 ±52 MPa.

Fig 4.10 The AFM image and the data of the cross-section of high-aspect-ratio channel for the
same nanochannel on silicon master mold, UV resin stamp and PMMA substrate. The channel
width is 200nm and height is 38nm.

For characterization of nanochannels with high aspect ratios, AFM is not an appropriate
method for determination of the pattern fidelity because the size of the nanochannel is on the
same order of the tip radius of the AFM tip used for probing. Thus, the AFM tip cannot reach the
bottom of the nanochannel. As a result, the depth measured by AFM may not be accurate.
Therefore, we performed SEM measurements for cross-sectional images of the nanochannels for
each transfer step after cleaving the sample.
By using TPGDA based UV resin as the imprinting stamp, nanochannels with higher aspect
ratio can be transferred. The cross-section of a nanochannel in each pattern transfer step was
studied with SEM. Fig. 4.11 shows SEM images of the nanochannel in the original silicon master,
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the cured UV-resin stamp, and the thermally imprinted PMMA substrate. The original channel
fabricated by FIB milling into the silicon master was 60 ± 10 nm in width and 83 ± 10 nm in
depth. After pattern transfer to the UV resin stamp, the dimensions of the nano-protrusion were
55 ± 12 nm in width and 90 ± 13 nm in height. The variations in the nanochannel width and depth
were about 8%. These slight changes may be attributed to the relaxation of the cured UV resin
after demolding. Replication from the UV-resin stamp using an imprinting pressure of 20 bar and
temperature of 130°C, the PMMA nanochannel possessed a width and depth of 71 ± 15 nm and
77 ± 15 nm, respectively, with the variations being 22.5% and 28%, respectively. The
simultaneous increase in width and decrease in depth suggested slight deformation of the UV
resin stamp upon high pressure and temperature applied during thermal imprinting.

Fig 4.11 SEM images of a nanochannel in the silicon master, the UV resin stamp and the
imprinted PMMA substrate. Inset: cross-section images (taken with a tilt angle of 72°, 89°, 65°
for the silicon master, UV resin stamp and imprinted PMMA, respectively). Notice that for the
UV-curable-resin stamp, the structure is protrusive, while for the silicon master and PMMA
substrate, the structure is recessed.
The reproducibility of polymer stamp was studied by reuse the stamp for 10 times. SEM
images were taken from 1st and 10th copy of PMMA substrate, which were shown in Fig 4.12
and Fig 4.13, no significant deformation was observed on both micro and nanoscale patterns.
Upon repeated use of the same UV resin stamp for NIL, the nanochannel in the imprinted PMMA
showed similar dimensional variations to those produced in the first imprint. The deformation of
the UV stamp during NIL seems to be fully recovered, probably due to the presence of the cross-
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links in the cured UV resin stamp. This result indicates that the UV resin stamp can be repeatedly
used without significant degradation of replication fidelity.

Fig 4.12. The SEM images of funnel inlet on PMMA substrate for the 1st and 10th replica. The
images were taken with a tilt angle of 70°. No significant deformation was found after using UVresin stamp for multiply times.

Fig 4.13. The SEM images of nanochannel on PMMA substrate for the 1st and 10th replica. No
significant deformation of nanochannel was found after using UV-resin stamp for multiply times.

4.4.2 Comparison with PDMS stamps for imprinting PMMA
Polydimethylsiloxane (PDMS) is a material widely used for soft lithography due to the ease of
a pattern transfer from the master mold. Recently, Fanzio and Angeli et al. showed fabrication of
PMMA nanochannels by imprinting with a PDMS stamp.[1, 2] PDMS is well known for its
pattern transfer fidelity using casting process. Due to its low Young’s modulus, however,
deformation of the stamp structures might occur during thermal imprinting. Therefore, we have

80

examined the feasibility of using PDMS stamps for the fabrication of nanochannel based fluidic
structures and the results were compared with those from the UV-resin stamp.

Fig 4.14 The fabrication flow of UV resin stamp NIL and PDMS stamp NIL.

Figure 4.14 compares the process schemes of producing nanofluidic structures in PMMA
using both UV resin stamp and PDMS stamp. The only difference between the two processes is
the use of different materials in the fabrication of polymer stamps. The UV resin stamp was
achieved by UV imprinting while the PDMS stamp was made by casting.
Fig 4.15 shows the AFM image of nanochannels in each imprinting step. The fidelity of the
PDMS stamp with respect to the original master stamp was good with the variation less than 5%.
However, nanopatterns in the imprinted PMMA show a significant deviation in their dimensions
from that of the PDMS stamp. Fig 4.16a shows the cross-sectional profiles of the nanochannels in
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the original master, cast PDMS and imprinted PMMA. The PDMS stamp was well copied from
the original master mold. However, the pattern was stretched and compressed during thermal
imprinting with the PDMS stamp. The spacing between two nanochannels was increased from 1.9
µm to 2.3 µm and the depth of the nanochannel decreased from 15 nm to 10 nm.

Fig 4.15 Top: AFM images of a group of nanochannels on silicon master, PDMS stamp and
PMMA substrate. Bottom: the schematic 3D image

Fig 4.16 The cross-section of nanochannels measured by AFM. (left) nanochannels in each step
of PDMS stamp imprinting process, (right) compare of deformation of PDMS stamp by studying
the pattern on imprinted PMMA under large and small imprinting pressure.
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In an effort to reduce such undesired deformation, a reduced imprinting pressure was also used.
Figure 4.16b shows the cross-sectional profile of the imprinted PMMA with the PDMS stamp at
two different imprinting pressures. At a low imprinting pressure, however, the nanopattern could
not be transferred completely. The red line in Fig 4.16b shows the cross-sectional profile of the
imprinted PMMA pattern at the imprinting pressure of 6 bar. Compared to the pattern transferred
at 40 bar, the spacing between nanochannels did not show any significant change. However, the
depth was reduced over 80% from 15 nm to less then 2.5 nm. The reason for the poor pattern
transfer fidelity is its low Young’s modulus, which is only 360 - 870 kPa. The low Young’s
modulus may help the demolding of the stamp but the huge deformation under high imprinting
pressure prevents PDMS from being used as imprinting stamp material.

4.4.3 Comparison with SU-8/Si stamps for imprinting PMMA
Another advantage of the COC/UV resin stamp is that the stamp possesses a similar thermal
expansion coefficient (6 × 10-5/°C) to that of the PMMA substrate (5 - 10 × 10-5/°C).[3] Therefore,
the thermal stress becomes significantly reduced during the thermal NIL process compared to a
hard silicon or nickel stamp. As a consequence, warping or surface curvature of the substrate can
be reduced, demolding becomes much easier and breakage of the expensive nanopatterned master
stamp can be avoided.
For comparison, a silicon stamp with SU-8 protrusive patterns, identical to the fluidic
networks in the UV-resin stamp, was fabricated and thermal NIL was performed into a PMMA
substrate. Fig.4.17 shows surface profilometry images of two different PMMA sheets imprinted
with a UV-resin stamp or the SU-8/silicon stamp. When using the UV-resin stamp, the height
variation of a 10 mm × 10 mm PMMA chip indicating the degree of warping was less than 2 µm.
However, with the use of the SU-8/silicon stamp, the height difference was more than 7 µm. Such
large undesired deformation in the molded substrate, especially near the edges of the substrate,
could be a problem for achieving good bonding between the cover slip and the substrate in the
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subsequent assembly process. The results indicate a reduction in the thermal stress during the
cooling step when using the UV-resin polymer stamp compared to the use of a hard silicon stamp.

Figure 4.17 Surface profiles of patterned PMMA using a UV resin stamp (left) or a SU-8/silicon
stamp (right). Bottom pictures show the cross-section profiles along the dashed lines indicated on
the upper panels. When using the UV resin stamp (left), warping of a 10 mm × 10 mm PMMA
chip was less than 2 µm; however, with the use of the SU-8/silicon stamp (right), warping was
more than 7 µm.
In addition, adhesion force between two solid bodies is a function of the Young’s modulus and
the surface energies of the two bodies.[4] Thus, the low Young’s modulus of the UV-resin stamp
(698 ±52 MPa) significantly reduced the adhesion force at the stamp/substrate interface compared
to the case when using a silicon or nickel stamp. We observed that during demolding, the UVresin stamp was released from the molded PMMA substrate easily. In many cases, the polymer
stamp is spontaneously separated from the molded PMMA substrate even without applying any
demolding force. On the other hand, when the SU-8/silicon stamp was used, significant force was
required for demolding. Breakage of the expensive nanopatterned silicon master, which is often
observed during imprinting and demolding with SU8/Silicon stamp, did not occur when using the
UV resin stamp. As it showed before, the UV resin stamp could be used for thermal imprinting
more than 10 times without any noticeable damage.
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4.5 Bonding of polymer device
The mechanism of polymer bonding is usually based on diffusion and/or migration of polymer
chains into the contacted surface. Under enough pressure, temperature, or at certain conditions
(i.e. some solvent immersion or vapor treatment), the diffusion/migration of long polymer chains
can be enhanced. When an enough quantity of long chain polymers crosslink between the two
surfaces and by the mean time if there is enough pressure provided to achieve close contact, the
two surfaces are bonded together.[5, 6]
Due to the diffusion and migration of polymer molecules on the surface, the bonding process
can change the dimensions of the original patterns in polymer substrate.
The key issue for bonding of a cover plate for nanofluidic devices is the minimum damage on
the patterned nanostructures. For nanofluidic devices, the nanochannel can be easily blocked,
flattened or melted during conventional thermal-fusion bonding, adhesive bonding, localized
welding or solvent bonding processes.
We developed two bonding methods for PMMA chips with nanofluidic structures: (1) oxygen
plasma assisted bonding and (2) solvent assisted bonding. Fluorescein tests show that both
methods can lead to a good bonding without any blockage or leakage. The dimension of the
nanochannel after bonding was estimated from the elongation of λ-DNA and T4-DNA inside
nanochannel. Furthermore, we also found that the incidences of DNA cleavage are different for
these two bonding methods. It may be due to different concentrations of oxygen radical residues
on the PMMA surface. This will be discussed in in Chapter 6.

4.5.1 Oxygen plasma assisted bonding
As pointed out before, the key issue for a successful bonding of a cover plate to a nanofluidic
PMMA chip is how to activate the surface and bring about sufficient interface diffusion of
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polymer chains while minimizing deformation of the nanoscale patterns on the surface. The idea
of the oxygen plasma assisted bonding is to activate only a very shallow depth of the PMMA
surface by oxygen plasma. Mobile polymer chains and breakage of polymer backbones on the
PMMA surface is expected to occur under the plasma treatment. These effects lead to a good
bonding, but increases the surface roughness at the same time.[7]

Fig 4.18 The effect of oxygen treatment on PMMA surface, with (a) various time (b) various
chamber pressure, (c) various RIE power; (d) the effect of degeneration of plasma treatment.
A group of parameters for oxygen plasma treatment need to be optimized in order to achieve a
sufficient bonding strength. On the other hand, the time and power of oxygen plasma treatment
should be limited because it might increase the surface roughness or even etch the nanopattern.
The water contact angle on the oxygen plasma treated PMMA surface was measured for different
parameters and AFM was performed to investigate the surface morphology.
Three parameters were studied for the oxygen plasma treatment on the PMMA surface: 1)
power of RIE, 2) pressure of oxygen and 3) time of the treatment. Water contact angle of treated
PMMA surface was taken immediately after the treatment. The results are shown in Table 4.1 .
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Fig. 4.18 shows variations of water contact angles with various oxygen plasma treatment
parameters. A longer time leads to a lower contact angle. The water contact angle smaller than
20° was achieved at an RIE time of 120 s. For chamber pressure, there seems to exist a minimum
point. At low RIE power, more hydrophilic -OH groups synthesis on PMMA surface, however,
on high RIE power, there are more break backbone of polymer instead of activate the surface.
Fig 4.18d shows the variation of water contact angle after the RIE treatment is finished,
indicating the recovery or curing of damaged polymer chains. However, the surface roughness
caused by RIE is permanent. The red and black line in Fig 4.18d show different contact angle
after recovery, it might due to the different surface roughness of these two samples after the RIE
treatment.
Table 4.1 The water contact angle of PMMA under various treatment conditions of oxygen
plasma
Power (w)

50

Pressure (bar)

Time (sec)

Contact angle (degree)

15

40

30

34

60

20

120

12

350

20
50
100

22
20

350

33

200

60

300
50

35
35

350

20

400

18

450

33

The curing of damaged polymer changes occurs rapidly after the plasma treatment is finished.
Within 3 min, 90% of the activation effect disappears. This suggests that, in order to reach the
best surface activation result, bonding should be performed immediately after the oxygen plasma
treatment.
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In addition to the contact angle measurements, AFM was also performed to investigate the
roughness of the PMMA surface after the RIE treatment.

Fig 4.19 The AFM image of the PMMA surface (a) untreated, (b) treated 20 sec under 20 W, and
(c) treated 2 min under 20 W
Fig 4.19 shows AFM images of the PMMA surfaces without oxygen plasma treatment and
after oxygen treatment for 20 sec and 2 min at the power of 20 W. As it shows in the AFM
images, a longer plasma treatment leads to the damage of surface and thus can affect the
nanopattern by increasing surface roughness or etching the pattern.
For our bonding process, we treated PMMA with oxygen plasma at a fairly low power of 15W
for a short time of 15 sec at a pressure of 400 mTorr. Use of these parameters ensure that only a
thin layer of the PMMA surface be activated and the damage of nanopattern be limited to the
minimum. Thermal bonding is performed right after the oxygen plasma treatment at 85°C for 10
min under pressure of 10 bar.
The bonding temperature was selected to be 20°C lower than the glass transition temperature
(Tg) of untreated PMMA in order to reduce the deformation of the nanopatterned PMMA during
bonding. This will ensure that PMMA chains at the plasma treated top surface are allowed to
deform and involved in bonding under the pressure.
Instead of using a clamp or applying force by parallel platens, which are methods widely used
for assembling microfluidic devices, air pressure was applied between the fluidic chip and cover
plate. This resulted in conformal contact between the two pieces despite the presence of slight
curvature in the molded PMMA substrate.
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4.5.2 Solvent assisted bonding
When a thermoplastic surface is solvated, the polymer chains become mobile and can readily
diffuse across the solvated layer, leading to extensive intertwining of chains between the surfaces
and therefore forming a strong bonding.
For interactions between organic solvents and polymers, solubility can be adequately
described by the Hildebrandt parameter: ! = [(H o ! RT ) / v]1/2 . The Hildebrandt parameter
provides a measure of the cohesive molecular forces for both solvent and solute. For a polymer
solute and a organic solvent, if Hildebrandt parameter for each material are similar, their
molecules can readily coexist and dissolution of the solute will occur.[5, 7]
Generally, the Hildebrandt parameter of an organic solvent is strongly related to temperature.
On the other hand, the Hildebrandt parameter of thermoplastic polymers is weakly related to the
change of temperature. So the solubility of a thermal plastic in an organic solvent varies along the
heating or cooling process. One example of the Hildebrandt parameters of PMMA and IPA are
shown in Fig 4.20. The solubility of PMMA in IPA will increase as the temperature increase.
Above 68°C, PMMA becomes completely soluble in IPA.[8]
The procedure for the solvent assist bonding of PMMA nanofluidic devices involves (1)
treating surfaces of both nanopatterned PMMA substrate and the PMMA cover plate with
appropriate solvent, (2) putting them together and add certain amount of pressure and then (3)
heating up the assembled PMMA chips so that the solubility of PMMA in touch with the solvent
increases. The bonding should be able to take place at a temperature much lower than Tg of
PMMA, so that no deformation would occur for the bulk PMMA. Meanwhile, the solubility of
PMMA in that solvent must be weak at room temperature, so that the nanoscale pattern would not
be melt or dissolved by the solvent treatment.
Two solvents were tested for the solvent assist bonding: (1) a 1:1 mixture of IPA and DI water
and (2) a mixture of 47.5% DMSO, 47.5% DI Water and 5% Methanol. For each solvent,
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bonding on various temperatures were performed, the bonding strength and fluidic property were
compared by manually break the bonding by add pressure with compress air or by cutting with a
sharp knife.

Fig 4.20 The various of Hildebrandt parameters of IPA and PMMA along with temperature.[8]
With the IPA/DI water solvent, extremely strong bonding was achieved at a temperature as
low as 45°C. However, even microchannels with the depth of 10 µm were blocked during the
bonding. Therefore the solubility of PMMA in the IPA based solvent is too large for the usage for
bonding of PMMA nanofluidic chips.
With the DMSO base solvent, partially melting/blockage of the microchannels occurred when
bonding at 85°C. When the bonding temperature was reduced to 65°C, it was possible to achieve
a bonding strong enough for the following leak test.
Fig 4.21 shows an SEM image for the PMMA nanochannels and a fluorescence image when
introducing fluorescein molecules into the enclosed nanochannels. The nanochannels are 80nm in
width and 70 nm in height. Fluorescein isothiocyanate (FITC) solution was introduced from the
bottom microchannel while pure TAE buffer was filled from the top microchannel. It was
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observed that FITC diffused into the nanochannel as it shows in the image. No leakage or
blockage was found for the bonded nanofluidic system.

Fig 4.21 SEM images of (left) top view, (inset) cross-section of a group of nanochannels and
(right) FITC image of bonded nanofluidic system

4.6 Nanofluidic property test
Fig 4.22a and Fig 4.22b shows photographs of nanofluidic chips after thermal fusion bonding
of the substrate to a thin PMMA cover plate. The chip size is 1 cm by 1 cm, nearly the same as a
nickel.
Before driving DNA molecules into the nanochannel, a fluorescein test or a resistance test was
performed to ensure that there is no leakage and/or blockage of the nanochannel. Fig 4.22c shows
the fluorescein test. 0.1 mM fluorescein isothiocyanate (FITC) solution in 0.5x TAE buffer (20
mM Tris-acetate and 0.5 mM EDTA, pH 8.3) was filled from the top microchannel and diffused
into the nanochannel. As shown in the fluorescence image (Fig 4.22c), the nanochannel did not
show any discontinuities due to channel wall collapse and no leakage was observed. The funnel
inlet of the nanochannel is also shown in this image.
In order to examine the feasibility of using the polymer-based nanofluidic device for DNA
translocation, a 0.7 µg/ml YOYO-1 stained λ-DNA solution (YOYO: bp = 5:1) in 0.5x TAE
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buffer was prepared. The enzymatic oxygen scavenges system and 3% β-Mercaptoethanol was
added to avoid the photocleavage and photobleach of DNA.
The chip was first washed by buffer with enzymatic oxygen scavenge system thoroughly.
DNA solution was then fill in the microchannel by pumping from the outlet of the microchannel.
A DC power source of 0.9 V was added to the Pt electrodes and DNA was driven
electrophoretically under the potential. The video was captured by an EMCCD system at overlap
mode. By setting the Region Of Interesting (ROI), the transfer time was less than 20 ms and the
expose time was set to be 20 ms.
The video frames of a DNA molecule moving into and through a PMMA nanochannel are
shown in Fig. 4.22d. At a time of 0 s, because the size of the funnel was ~1.5 µm × 1 µm at that
position, which was larger than the gyration diameter of λ-DNA (Dg = 940 nm),[9, 10] no
stretching of the DNA was observed. At 0.98 s, the DNA moved further into the funnel inlet
where its dimensions were 100 × 100 nm, which caused the DNA to be partially stretched and
uncoiled. The observed length of the DNA increased from ~8 µm at 0.28 s to 11 µm at 0.98 s.
After 0.98 s, the λ-DNA molecule moved into the 75 nm × 75 nm nanochannel, where it
continued to uncoil until it reached a maximum length of 22 µm at 1.46 s and then an equilibrium
length of 18 µm at 1.92 s, which agrees with an elongation length of 17.8 µm for YOYO-1
stained λ-DNA from previous reports.[9, 11] Different driving voltages from 0.5 to 20 V were
used without observing intermittent translocation of the DNAs at the inlet of the nanochannel. For
comparison, a reverse applied voltage was applied in order to introduce DNAs from the opposite
side of the nanochannel, where an abrupt dimensional transition between the microfluidic
network and the nanochannel was present. Without the funnel inlet, no DNA was observed to
pass through the nanochannel at fairly low voltages. When using relatively high driving voltages,
complete cessation was observed occasionally at the inlet of the nanochannel. More details of
inlet structure and DNA capture rate were discussed in Chapter 5.
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Fig 4.22 (a-b) Photographs of the nanofluidic chips made from PMMA after thermal fusion
bonding with a PMMA cover slip. (c) A fluorescence image of a single nanochannel filled with
0.1 mM FITC. The nanochannel was continuous and displayed no leakage. (d) The translocation
of YOYO-1 stained λ-DNA moving through the funnel inlet and into a nanochannel under an
applied voltage of 0.9 V.
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CHAPTER 5. ENHANCEMENT OF DNA CAPTURE RATE
VIA
ENGINEERING
NANOCHANNEL
INLET
STRUCTURES
5.1 Introduction
Nanochannel and nanopore based DNA analysis is label-free, amplification-free, singlemolecular approach that can be scaled for high-throughput DNA analysis.[1-3] Moreover, it
typically requires low reagent volumes, benefits from relatively low fabrication cost and also
supports long read lengths.[1] Among these novel approaches, a nanochannel is more appropriate
to study the genome scale DNAs. Normally those DNAs are hundreds of thousands base pairs in
length and supercoiled to a sphere with diameter of a few micrometers. Therefore, it is difficult to
directly analyze the molecules in the single base pair level using conventional methods.[4]
However, a genome scale DNA molecule in a nanochannel with diameter less then its persistence
length will extend along the channel axis to its full contour length.[5] Fully stretched DNA
molecules are becoming a fundamental component of new systems for comprehensive genome
analysis, such as mapping[6, 7] and fast sequencing.[8]
One challenge in operating the nanochannel device is that it is difficult to thread DNA
molecules from microfluidic networks into small nanochannels electrophoretically, in particular
when a single or few nanochannels exist in the device. For some cases, researches need to apply
various voltages for DNA capturing and electrophoresis.[9] They also showed that for sub-20 nm
channels, although both fluorescent buffer and conductance tests showed that the channel is not
blocked, they could not flow DNA molecules into the nanochannel.[9]
Generally, the low capture rate can be simply enhanced by applying a higher voltage for
electrophoresis. However, for most cases the pA sensing systems, which were used for record
DNA translocating signals, only work at low voltage. For example, the maximum voltage
provided by the Patch Clamp system is 1V. On the other hand, a higher driving voltage leads to a
high velocity of DNA when passing though the nanochannel. For most cases, DNA translocation
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speed inside nanochannel is around 106 - 107 bp/sec,[8, 10, 11] as the ultimate goal is to real-time
analyze DNA as it passes through the nanochannel. Such a high sampling rate requires an
electronic sensing system with extreme high bandwidth.
Here, we investigated the mechanism for the capture of dsDNA into a 70 nm by 70 nm
nanochannel in a PMMA fluidic chip by visualizing and analyzing the motion of fluorescence
dyed DNA. We found that the capture rate is strongly related to the driving voltage and bulk flow
velocity. The electric field distribution analyzed by a finite element method (FEM) tool indicates
that fast degeneration of the electric field at micro/nano interface plays a major role, in addition to
the bulk flow in the microchannel, for the low capture rate.
The experimental results show that the following two strategies effectively increase the
capture rate by enlarging the capture zone: (1) Build inlet structures that can geometrically
confine the DNA Brownian motion and reduce the bulk flow velocity at the capture zone and (2)
Adjust the field strength at the capture zone by building multiply nanochannels or a microscale
bypass channel. Under a fixed driving voltage and analyte concentration, the capture rate of DNA
could be enhanced by 400 - 500 % by each of these methods. The driving voltage can be reduced
and the velocity of DNA inside nanochannel can be reduce as a consequence.

5.2 Model for DNA translocation in nanofluidic system
5.2.1 Observation of DNA capture by nanochannel
H-shape fluidic networks were fabricated, where top and bottom microchannels are connected
via a nanochannel (Fig 5.2). Microchannels are 65 µm in width and 30 µm in depth, and the
nanochannel is 80 µm in length, 70 nm in width and 70 nm in depth. λ-DNA was dyed with
YOYO-1 dye at the bp/dye ratio of 7:1. Enzymatic oxygen scavenge system and βMercaptoethanol was added to suppress the photocleavage and photobleach of the dyed DNA
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molecule. The motion of DNA was captured by fluorescence microscopy and recorded by an
EMCCD system. The video was further analyzed by ImageJ and customized C++ programs.
One typical DNA capture event is shown in Fig 5.1. Driving voltage of 1 V was applied. The
DNA molecule marked with a red circle was captured into the nanochannel while other DNAs in
yellow, blue and green circles were flowed away in the microchannel. Actually only 2 DNAs
were captured in a 3 min period and about 300 other DNAs passed by and failed to be captured.

`
Fig 5.1 The event of capturing DNA by nanochannel. One DNA molecule was captured (red
circle), while other DNAs (yellow, blue and green circle) just flowed away in microchannel. Dash
line shows the position of micro and nanochannels.
Previous studies on the capture of DNA into nanopores have shown that a characteristic length
(r*) exists, over which capturing of DNA does not occur. As it shows in Fig 5.1, this capture
region with a characteristic length also exists for nanochannel. If r is defined as the distance of a
DNA molecule to the entrance of a nanochannel, DNA motion is almost purely diffusive at
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distances r > r*. For r < r*, the motion is driven mostly by electric field. Only the DNAs that
move very close to the channel entrance were captured by nanochannel.[12-14]
Therefore, the same as the nanopore, the capture of DNA by a nanochannel or nanopore can
also be divided into two processes: (1) DNA molecules move into the capture region (r < r*) by
diffusion or bulk flow and (2) the electric field threads DNA molecules into the nanochannel.
However, one major difference between nanochannels and nanopores is that r* is much smaller
for nanochannels. The estimated size of the capture region is given by Wanunu et al.[15] With

V (r*) = D µ where V (r*) is the potential at r*, D is the DNA diffusion coefficient, and µ is
the DNA free solution electrophoresis mobility, then size of the capture region is given by

r* =

d 2µ
!V , where d is the diameter of the nanopore and l is the length of the nanopore. If
8lD

applying this formula to a nanochannel, r* will be thousands times smaller than nanopore with
the same diameter, because the length of nanochannels ( l ) is much longer than that of nanopores.
For nanochannels with very small diameter and extremely long length, r* is extremely small.
This may be the reason why DNAs are not easily threaded into the nanochannels even if
conductance and fluorescence test shows that the channel is not blocked.[9] Therefore, enlarging
the capture region is the major task for improving the capture of DNAs by nanochannels.

Fig 5.2 Schematic view of the design of the device and the flow of DNA molecules inside the
system. Right: enlarge of the nanochannel/microchannel interface area.
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5.2.2 Electric field distribution
The DNA capture region stands for a small area at or near the entrance of a nanochannel
interfacing microfluidic networks, where the electric field is strong enough to capture the DNA
molecules from bulk flow. Outside the capture region, diffusion and hydrodynamic flow
dominate the motion of DNAs. A schematic of the capture region is given by Fig 5.2. It was at the
entrance of nanochannel and has the shape of a quarter sphere. The size of the region depends on
the field added by external voltage source.
In order to analyze the capture region, electric field distribution in the nanofluidic systems was
studied using a FEM tool (ANSYS 11). A 3D model for the entire fluidic system was set up,
where the microchannel size was 100 µm × 20 µm and the nanochannel size was 80 µm × 70 nm
× 70 nm. External potential of 1.5 V was add to the top left reservoir and 0 V was applied to the
bottom right reservoir. Resistivity was set to 2 ohm/m according to the experimental condition of
1x TAE buffer. Solid 231, a 3D 20-node current based electric element was employed for the
simulation. The only variable in the simulation was voltage. Since the estimated Debye length is
estimated by !

!1

=

"r" 0 RT
= 1.52 nm for 1x TAE buffer, the length of the electric double
2N A e 2 I

layer is small compared to the sizes of both the nanochannel (70 nm in diameter) and
microchannel (20 µm by 100 µm). The simulation mainly focused on the field distribution
outside ELD and neglected the distribution inside EDL.
The mash of model and the simulation results are shown in Fig 5.3. Fine mesh was used at the
nanochannel and micro/nano interface but relatively rough one was used for microchannels and
reservoirs. The characteristic length of meshed elements increases from 2 nm to 10 µm gradually.
The resistance in the nanochannel can be estimated by RNano = !

lNano
, nearly 30 GΩ, while
ANano

the resistance of the microchannel was about 1 MΩ. Therefore, almost 99.9% of the voltage drop
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occurs in the nanochannel and only less than 0.1% of the voltage drop occurs in the microchannel.
The simulation agrees with the rough calculation shown above. The simulated potential
distribution is displayed in Fig 5.3b. The potential is almost constant at 1.5 V in the top
microchannel and constant at 0 V in the bottom microchannel.
The electric field distribution for the entire fluidic structure is shown in Fig. 5.3c and the
distribution in the nano/micro interface area is enlarged in Fig 5.3d. In the microchannel, the field
strength is nearly 0, while inside the nanochannel the field strength is constant at 18000 V/m.
The field strength decreases fast at the outside of the nanochannel. Fig 5.4 shows the electric field
strength and voltage as a function of the distance from the micro/nano interface. As shown in the
graph, the field strength almost immediately drops to zero out of the nanochannel. For instance, at
the interface area, the field strength decreases from 18000 V/m to 86 V/m within 1 µm distance.
The fast degeneration of the electric field at the micro/nano interface indicates that the influence
of electric field outside the nanochannel is limited in a small area.

Fig 5.3 Brief view about the simulation result.
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Fig 5.4 Filed strength and potential distribution along the center line of nanochannel. Origianl
point is the center of nanochannel mouth.

5.2.3 Estimation of capture time
For a DNA molecule in a microchannel, its distance to the entrance of a nanochannel is

x,

and the electric field at the location is E(x) . Assume that the fluid is fully developed and stable,
and also assume that the Brownian motion of the DNA molecule is neglected, the DNA molecule
will move towards the nanochannel because of the electric field. The time that is required for a
DNA molecule to be electrophoretically driven into the nanochannel from the microchannel is
defined as the capture time. If the electric field along the path of DNA is known, the capture time
can be estimated mathematically by step integration method.
The distance from DNA’s original position to the nanochannel entrance is divided into N steps.
N is large enough that the distance in each step !x =

X
is very small and the electric field
N

E(xi ) inside each step can be considered as constant.
With local force model, the driving force on a single DNA molecule is given by

Fall = Felectrophoresis ! Ffriction

.

This can be further developed as
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m

dv
= qE ! v!
dt

[1]

Here m is the mass of DNA molecule, v is the velocity, q is the total charge of DNA molecule,
E is the local electric field, and ! is the friction coefficient of DNA molecule to the buffer
circumstance.
The fiction coefficient ! can be calculated from the study of equilibrium electrophoresis
condition,

! dv $
q
[2]
& = 0, qE ! v! = 0 , so ! =
" dt %t'(
µ

where #

Form [1] and [2], we can obtain

dv qE q
=
!
v , if the velocity of DNA when it enters the
dt m mµ

step is v0, By integrating dv over t, we can obtain the velocity of DNA.

v(t) = Eµ + ( v0 ! Eµ )e
At step

!

q
t
mµ

[3]

n , if the position xn and DNA velocity vn are known, and if the time required to

finish step n is !tn , equation [3] can be further developed as follows;
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The values of all components except !tn are known. Therefore, !tn can be calculated by
numerical analysis methods.
From [3], the velocity for the n +1 step is;

vn+1 = Eµ + ( vn ! Eµ )e

!

q
"tn
mµ

[4]

With the equation, !tn+1 and vn+1 can be calculated.
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By repeating the calculation for N steps, the !tn for each step is known, so that the total time
required for the DNA molecule to be threaded into nanochannel is given by the sum of time
required for each steps.
In conclusion, for a DNA molecule with distance to nanochannel of

x , the time required to

n=N

drive this molecule into nanochannel electrophoretically is T (x) =

" !t

n

.

n=1

A customized C++ program was written to calculate the time required for a series of DNAs
with different distance to the nanochannel. In the program, the equation [4] was solved by
Newton’s method. For a single nanochannel case as discussed in Fig 5.3, the relation of DNA
position to the capture time is shown in Fig 5.5.

Fig 5.5 The relation of DNA position (distance to the entrance of nanochannel) and the capture
time

5.2.4 Capture region in nanochannel
As shown in Fig 5.5, the time required for capturing DNA increases exponentially along with
the distance of DNA to the nanochannel entrance. Therefore, for DNA molecules that are moving
at locations far from the entrance of the nanochannel, the difficulty of the DNA molecules to be
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captured increases exponentially. For the demonstration, we define the capture region to the area
around the nanochannel where DNAs can be captured within 60 sec. The shape of the capture
region is almost a quarter sphere, with the radius of 5 µm, as shown in Fig 5.6. Even if we define
the capture region to the area with the capture time of 30 sec or 120 sec, the size of the capture
region will not change significantly because of the exponential relationship of capture time to
radius.

Fig 5.6 Simulation result of the capture region for single 100 nm nanochannel case
In the simulation, we assumed that the bulk flow is completely stable. In experiment, however,
we observed a bulk flow moving slowly due to the minor pressure difference between the two
reservoirs or due to the inertia occurring when introducing the buffer. Although the flow is very
slow in the macro scale, it is fast enough to drive DNA away from the electric field.
The typical flow velocity we observed in the microchannel is 20 µm/s. The dwelling time for a
DNA molecule in a 5 µm radius capture zone is less than 0.5 sec. This time is far less than that
required to capture the DNA by the nanochannel.
In addition, the DNA molecule itself is not stable. The Brownian motion of a DNA can easily
drift the molecule in and out of the capture region. However, according to our simulation, it
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requires tens of seconds to capture a DNA that is only a few micron away from the nanochannel
entrance. More details about the flow effect on capture are discussed in the following section.

5.3 Factors influencing DNA capture rate into a nanochannel
The DNA capture rate is affected by many factors such as concentration polarization, driving
voltage, field distribution due to geometry, entropic barrier of nanochannels and the properties of
bulk flow. In addition to these effects, we have found that the capture rate is strongly related to
the bulk flow velocity.

5.3.1 Driving voltage
The dependence of driving voltage on the DNA capture rate was measured with a device
having a single nanochannel with dimensions of 80 µm × 70 nm × 70 nm (length × width ×
depth). T4 DNA solution with concentration of 0.2 µg/ml was used for all the experiments. Fig
5.7 shows the capture rate as a function of applied driving voltage. The capture rate is linearly
related to the driving voltage over the whole voltage range.

Fig 5.7 The relationship between the capture rate to the driving voltage.
The result is different from the nanopore case with the pore size less than 3 nm, where the
capture rate increases exponentially with driving voltage in the low voltage regime.[14, 16] For
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larger nanopores, the capture rate linearly increase with driving voltage[13]. We believe that there
could be two possible reasons: (1) our nanochannel size is around 70 nm in width, the diameters
for those nanopores who observed entropic barrier are usually less than 10 nm[14, 16], thus for
our case the energy required for DNA uncoiling was relatively smaller; and (2) since the
resistance at the nanochannel is thousands of times larger than that of nanopores, the energy
barrier for electrophoretically driving DNA overwhelms the energy barrier for uncoiling.

5.3.2 Bulk flow velocity
Another unique property observed in nanofluidic devices is the relation of capture rate to the
flow velocity of DNAs in microfluidic networks.

Fig 5.8 The relationship of capture rate to the flow velocity of bulk flow.
The velocity of DNA motion in the microchannel was measured by taking a video on
fluorescence dyed DNAs in microchannels at a certain distance (1 - 5 µm) from the cover plate.
In order to obtain information on high flow rate cases, a pressure difference was applying by
placing various sizes of drops on reservoirs connected to the microchannel. Figure 5.8 shows the
DNA capture rate into the nanochannel determined by the number of capture events for 100 sec
duration. The capture rate is nearly inversely proportional to velocity. For slow flow the capture
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was easier while fast flow yielded much lower capture rates. This can be roughly understood as
follows; since the time duration for a DNA to pass the capture zone is inversely proportional to its
velocity, when the DNA molecule moves too fast, there is not enough time for the electric field to
capture the molecule from the bulk flow. The result indicates that in addition to the field
distribution, the bulk flow has a huge impact on the DNA capture by effectively reducing the size
of the capture region.

5.4 Enhancing DNA capture rate via engineering nanochannel inlet structures
Five different inlet structures interfacing microchannel networks and nanochannels are
designed and built. All the inlet structures were built in a single chip, so that the bulk flow is the
same for all the inlets. Three different samples with the same inlet structures but different
sequences of structure locations were built in order to remove the effect of sequence of structures
and the cross-talking between neighbor inlets. Figure 1 shows an SEM images for one of the
samples with five different inlets where the inlet structures are placed in the order of pillar inlet,
funnel inlet, groove inlet, original abrupt inlet and V-shape inlet from left to right.

Fig 5.9 SEM image of the inlet structures for nanochannel. The image was taken with an angle of
52°.

5.4.1 Geometries of different inlet structures
Five inlet structures were designed and built. The capture of DNA by each of the structures
was record and analyzed. The electric field distribution for some of the inlets was also studied by
FEM methods. The description of each inlet is as follows;
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Original Inlet: single nanochannel, no additional structures. The nanochannel was 60 µm ×
70 nm × 70 nm in dimensions. It served as control structure for comparing with other structures.
Pillar Inlet: consisted of hexagon pillars with gap decreasing from 200 nm to 80 nm, as
shown in Fig 5.10a. The length of the filter area is 25 µm, which is followed by a nanochannel 35
µm × 70 nm × 70 nm.
The pillar Inlet can uncoil the DNA molecules before they reached the nanochannel. As shown
in Fig 5.10b, when a DNA molecule is threaded inside the pillar matrix, it will tangle on the
pillars, two or more parts of the DNA chain heading toward different direction. Once DNA is
fully stretched by the pillars, it will move following the longer branch and will keep the uncoiled
shape when it enters the nanochannel. More details will be discussed in Chapter 6.
The pillar Inlet was designed to study the effect of entropic barrier of uncoiling DNA on the
capture rate. As the DNA molecule was pre-uncoiled before it enters the nanochannel, the energy
barrier was smaller than the other inlets where DNA uncoils only when it enters the nanochannel.
Groove Inlet: in front of the nanochannel, there is a 24 µm long, 1.5 µm wide and deep
groove, followed by a nanochannel 36 µm × 70 nm × 70 nm.
The ANSYS simulation showed that the field strength was not enhanced by the inlet structure.
The field strength still decreased fast in the microscale groove and was fairly low for most part of
the groove inlet. However, as DNA molecules were slowed down and confined in this groove,
their Brownian motion were also suppressed, the capture region should be enlarged even under
the same field strength.
V-shape Inlet: consists of two grooves in a V shape. Each groove is 28 µm long and 1.5 µm
wide and deep, which is followed by a nanochannel with dimensions of 36 µm × 70 nm × 70 nm.
In addition to the confinement of DNA, slow bulk flow is also allowed in the micro grooves,
so that the entrance of DNA into the micro grooved inlet is easier compared to that for the abrupt
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original inlet. We anticipate to see that the amount of DNA reaching the nanochannel capture
zone increases as a consequence.

Fig 5.10 (a) SEM image of pillar inlet; (b) the uncoiling process of a T4 DNA in the pillar inlet.
Funnel Inlet: a 3D funnel-like structure. The width and depth of the inlet mouth shrink from
50 µm × 15 µm down to 100 nm × 80 nm gradually. SEM images for the funnel inlet are shown
in Fig 5.11. It consists of 8 steps of trapezoidal prisms with decreasing width and depth. The
detailed dimensions for each trapezoid was shown in Table 5.1.
This structure was designed following the electric field lines from the simulation results,
where the electric field inside the funnel inlet decreased linearly with distance. The structure
maximizes the influence of the electric field inside the opening mouth.

Fig 5.11 SEM image of the funnel inlet. (a) top view and (b) tilt with an angle of 52°
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Table 5.1 The dimension for each trapezoid in the funnel inlet
Trapez
oid #

Top
edge length
(µm)

Bottom
edge length
(µm)

Heig
ht (µm)

Depth
(µm)

1

20

50

5

10

2

10

20

5

6

3

5

10

5

4

4

2.5

5

5

3

5

1.2

2.5

5

1.5

6

0.6

1.2

5

0.8

7

0.3

0.6

5

0.4

8

0.15

0.3

5

0.2

5.4.2 DNA capture rates for various inlet structures
T4 DNA solution and λ-DNA solution with various concentrations from 0.1 µg/ml to 0.5
µg/ml were introduced into the chip and various driving voltages from 0.2 V to 20 V were used to
drive DNAs. Videos were taken and analyzed afterwards. The results from the three samples with
different orders for the inlet locations are combined, so that the effect of the inlet location in the
chip and the cross-talking between neighbor inlets can be avoided.
All the inlet structures were built in a single chip, so that the bulk flow rate for all the inlets is
the same. Therefore the influence of bulk flow velocity on capture rate can be eliminated.
With different inlet structures, the parallel nanochannels could have various field strengths
inside the channels. For instance, field strength in the original inlet nanochannel is weaker than
the others because it has the maximum length while the voltage drop is nearly same in all the
nanochannels with various inlet structures. Based on the linear relationship between capture rate
and field strength (Fig 5.7), normalization was performed for each nanochannel to ensure that
they are working at the same field strength when comparing the capture rate.
One frame of DNA translocation through the nanochannels is shown in Fig 5.12, where one
DNA molecule is passing through the original Inlet nanochannel. Over 1000 DNA capture events
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were observed and analyzed. The capture rate of each inlet structure was shown in table 5.1.
Compared to the original inlet, all the other inlet structures show the ability to enhance the
capture of DNA into nanochannels.

Fig 5.12. The translocation of DNA molecule through nanochannels. In this frame, one DNA is
passing through the nanochannel with groove inlet. The DNA molecule was confined in
nanochannel and it was partially uncoiled and stretched inside the nanochannel.
Compared to the original inlet structure, the pillar inlet shows an enhancement of DNA
capture by 200.3 %. We believe that the enhancement was mainly attributed to a larger opening
of the channel entrance and the slowing down of DNA motion by DNA tangling around the
pillars. The Pillar inlet has a mouth of 5 µm width and 1 µm depth. Compared to the 70 nm by 70
nm entrance of original inlet nanochannel, the chance of DNA entering by diffusion or drifting
was much higher. Comparing the capture rate of the pillar inlet to these of any other inlets, the
enhancement is the smallest. Therefore we believe that uncoiling of DNA molecules is not the
main energy barrier preventing the capture of DNAs. The major drawback for DNA capture was
the fast bulk flow and the small capture region.
Groove and V-shape inlets showed an enhancement of 225% and 245%, respectively. During
experiments, DNA molecules move slowly in the groove inlet (i.e. 1 µm/s under 1 V) due to the
weak field strength in micron-scale groove. However, since the effect of bulk flow is very weak
inside the groove and Brownian motion was also confined, DNAs were driven towards the
nanochannel entrance even if the field strength is fairly weak. Experiments demonstrated that
although moving slowly, all the DNAs inside the micro groove were threaded into the
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nanochannel. The capture rate of the V-shape inlet is slightly higher than that of the groove inlet
because entering of DNAs into the groove inlet was slightly easier.

Fig 5.13 The normalized capture rate for various inlet structures under voltage of 0.2V ~ 20 V.
All inlets have certain mount of enhancement in capture ratio. (The effect of channel length on
electric field was considered for the normalization.)
For pillar, groove and V-shape inlets, due to the weak field strength inside the inlet channels,
the difficulty of DNA capture moves from the mouth of nanochannel to the mouth of the inlets.
The funnel inlet shows the largest enhancement in the capture rate. In experiments, we observed
that bulk flow was distorted due to the large opening of the inlet, which even drove DNA
molecules to a region close to the nanochannel entrance. By making the inlet along the electric
field line, influence of the electric field inside the inlet was maximized. At the end of the funnel,
DNAs were geometrically confined in a micron scale groove similar to the groove Inlet case,
where bulk flow and Brownian motion were confined.
For nanochannels with very small diameter and/or long channel length, the capture rate was
extremely low because the negative influence of bulk flow overwhelming the weak electric field.
For those cases, help from the inlet structure was more obvious. Fig 5.14 shows the capture rate
enhancement for weak electric field cases (driving voltage under 1 V). The enhancement of was
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up to 770% for Funnel inlet. Increase of the capture rate with other inlet structures were also
observed.

Fig 5.14 The normalized capture rate for various inlet structures under voltage of 0.2V ~ 1 V.
The field strength distribution inside each inlet structure was analyzed by ANSYS simulation,
as it shows in Fig 5.15a, the longitudinal velocities of DNA electrophoresis inside each inlet were
also measured experimentally as comparison of experiment to theory, shows in Fig 5.15b.
The electric field distribution at the micro/nano interface of each inlet structure was simulated
and compared. As it shows in Fig 5.15(a), the field strength inside nanochannel and degeneration
of the field strength in the microchannel are similar for all of the five inlets. Inlet structures
mainly alter the field distribution in the micro/nano interface area. Comparing to the abrupt drop
of field strength in the Original Inlet, the Pillar, Groove and V-groove Inlets slow down the
degeneration of electric field by adding a medium step to the Field strength-Position curve. The
electric field strength on that step depends on the cross-section area and length of the inlet
structure. In Funnel Inlet case, the 8 step-gradually-shrinking geometry leads to a much smoother
8 steps decreasing of the field strength.
The y-component (the direction vertical to the microchannel, along the nanochannel) of DNA
velocity was measured experimentally in Fig 5.15(b). The smoothed line was given by Savizky-
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Golay 10 points filter. Generally the velocity distribution consists with the field strength shown in
Fig 5.15(a), where the velocity inside nanochannel is much higher than velocity in inlets and
DNA moves faster in inlets with high electric fields. However the variation of velocity doesn’t
exactly follow the change of field distribution, we believe it’s due to the bulk flow and we are
going to discuss this together with the capture rate enhancement of each inlet.

Fig 5.15. The field strength and DNA velocity distribution in inlets. (a) Simulated field strength
distribution of each inlet structure. Original point was at the micro/nano interface. A voltage of 2
V was applied for all the inlets. (b) Experimentally measured y-component of DNA velocity
distribution in each of the inlet structure. Notice the length of inlets is different from each
structure.
In conclusion, the capture of DNA molecules by nanochannels with an inlet structure can be
divided into three steps: (1) bulk flow, diffusion or random walk and electric field thread DNAs
into the inlet structures; (2) the slow-downed DNA was captured by electric field in the inlet and
was driven towards nanochannel; and (3) DNA was stretched and entered into the nanochannel.
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Numerical simulation of electric field distribution and the direct observation of single DNA
molecule motion reveal that fast degeneration of the electric field at micro/nano interface plays a
major role, in addition to the bulk flow in microchannels, for the low capture rate. Various inlet
structures interfacing microchannel networks and nanochannels were designed and built. DNA
translocation experiments and field strength investigations both show that submicron inlet
structures can improve the DNA capture by geometrically confining the DNA thermal motion,
reducing the bulk flow velocity and modifying the local electric field distribution. With
engineering inlet structures, DNA can be captured and translocated through nanochannels at a
fairly low voltage.

5.5 Parallel channels and bypass channel
5.5.1 Potential analysis
One more interesting phenomenon observed in experiments is that the capture of DNA by a
device with a single nanochannel is extremely difficult. However, the capture on a device with an
array of nanochannels is relatively easy. This phenomenon can be roughly understood by
potential drop analysis as follows. Fig 5.16 gives a brief idea of the distribution of voltage drop
for each case. In the single nanochannel case, most potential drop happens in the nanochannel and
only a very small amount of potential drop occurs in microchannels. Since the potential drop in
the microchannels is weak, it cannot drive DNAs into the nanochannel.
When using parallel nanochannels instead of a single one, the equivalent resistor was much
less than the single channel case. As a result, the potential drop on microchannel becomes higher
and electric field in the microchannel also becomes stronger. Therefore, it is much easier to drive
DNAs from microchannel to nanochannel on a chip with multiple parallel nanochannels instead
of just one nanochannel.
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For the purpose of reducing equivalent resistance, Instead of building hundred of
nanochannels one by one with either in FIB or e-beam lithography, an easier way to reach the
similar result is to build a bypass microchannel parallel to the nanochannel.

Fig 5.16 Potential drop analysis explains the mechanism of enhance capture rate by increase
potential drop on microchannel with multiply nanochannel and bypass channel.

5.5.2 FEM simulation & experiments
The FEM simulation of capture zone was performed with a model nanofluidic structure with a
bypass microchannel as explained in the previous section. A 1 µm by 1 µm bypass microchannel
was built parallel to a 70 nm by 70 nm nanochannel. The distance between these two channels are
6 µm. The simulation results for the electric field distribution are shown in Fig 5.16.

Fig 5.17 The simulation of electric field distribution on nanochannel with bypass. (a) the ANSYS
model of the channel area, (b) Top view of the capture region, (c) cross-section view of capture
region, (e),(f) the top and cross-section view of single channel case for comparison.
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The equivalent resistance in the microchannel bypass is 200 times smaller than the single
nanochannel case since it is equal to parallel connected 200 nanochannels together. The
enhancement of electric field and capture region are shown in Fig 5.17b, which is compared to
the single nanochannel case (Fig 5.17e). The radius of the capture region is 5 times larger and the
volume of capture region is over 100 times larger.
As it shows in Fig5.17b, the nanochannel and microchannel share the capture region.
Experiments show that a large amount of DNAs were captured by the microchannel bypass, so
that the real enhancement of the capture by the nanochannel is not as high as 100 times.
The mechanism of enhancing capture using a parallel microchannel bypass becomes clear by
comparing the distribution of electric field for the two cases. Fig 5.18 shows the simulation result
of field strength distribution for a single nanochannel with and without the presence of a
microchannel bypass. The field strength inside the nanochannel with a bypass is lower than that
of the single nanochannel due to its lower equivalent resistance. The field strength at the
micro/nano interface for the case of the nanochannel with a bypass is much stronger (Fig 5.18a
inset). With the existence of a microchannel bypass, degeneration of the electric field in the inlet
of the nanochannel becomes slow down. The calculation of capture time shown in Figure 5.18b
also corroborates the fact that the capture with a microchannel bypass is much easier.

Fig 5.18 (a) The difference of electric field distribution for bypass and single nanochannel. Inset:
enlarge the micro/nano interface area. (b) The difference of capture time for bypass and single
channel cases.
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Nanofluidic chips with and without microchannel bypass were built. As is shown in the inset
of Fig 5.19, a 1 µm by 1 µm inlet was built for a nanochannel with dimension of 30 µm × 70 nm
× 70 nm. The DNA capture rate was defined by the number of captured DNAs divided by the
number of uncaptured DNAs (passing through microchannels without being captured). With the
microchannel bypass, although a lot of DNAs are captured by the microchannel bypass, the
capture rate of nanochannel is also nearly 4 times higher than the single nanochannel case.

Fig 5.19 The comparison of capture rate on nanochannel with and without bypass. Inset: SEM
image of a nanochannel with bypass microchannel.
In conclusion, fast degeneration of the electric field at the micro/nano interface, in addition to
the bulk flow in the microchannel, is the major reason for the low capture rate. Building
submicron inlet structures that can geometrically confine the DNA Brownian motion and reduce
the bulk flow velocity and adjusting the field strength at the micro/nano interface by building
multiply nanochannels or a microscale bypass channel, the capture of DNAs by nanochannels can
be significantly enhanced.
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CHAPTER 6. DNA ELECTROPHORESIS IN DENSE
NANOPOST ARRAY
6.1 Introduction
Dense nanopost arrays with a gap between posts of 80~300 nm was embedded into a
polymeric

micro/nanofluidic

device

by

NanoImprinting

lithography.

The

motion

of

electrophoretically driven long DNAs inside the dense nanopost array was studied at single
molecular level. Different from the rope-over-pulley hooking process of DNA electrophoresis in
sparse post arrays, a periodic motion including entangling-unhooking-recoiling processes was
observed on the dense post array. The phenomenon could be attributed to the extension of DNA
molecules, as the cavity in the dense nanopost array was far below the DNA gyration radius. The
DNA translocation distance, duration and electrophoresis mobility in each cycle exhibited to be
molecular size and post array topology depended.

6.2 Background
6.2.1 Artificial gel electrophoresis
Gel electrophoresis is one of the most important techniques for DNA analysis. The sieving gel
separates DNA molecules of different lengths based on the trapping of the DNA polymer chains
to the gel matrix.1 Compared to the conventional gel, artificial gels consisting of microfluidic
channels with embedded microfabricated obstacles promise order-of-magnitude improvements in
the separation time and resolution,2,

3

due to their low dimensionality, small volume and

extremely reproducible topography.4
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6.2.2 Micro/nano post array for gel electrophoresis
Microfabricated micro/nano post or post arrays are a promising candidate for the artificial
sieving media.2, 5-11 Upon collision with a post, the backbone of a DNA molecule hooks around
the obstacle and consequently unraveled in to a hairpin structure.12, 13 The hooking and unhooking
from the obstacle holds up the motion of DNA and can be described by the rope-over-pulley
model.4, 12, 14, 15 Since the unhooking time and collision rate are a function of the size of the DNA
molecule, DNA molecules with different lengths can be separated.5, 6, 8 The artificial nanopost
arrays embedded in a microfluidic device can significantly reduce the time and amount of sample
required for separating long DNAs comparing to the conventional pulse-field electrophoresis.2, 6
In addition to the conventional size-dependent separation, other separation mechanisms such as
dielectrophoresis separation16 or entropic recoil separation can be employed in conjunction with a
microfluidic device with artificial post arrays by properly designed post array structures and/or
electrokinetic/hydrodynamic field conditions.7, 11
When unhooked from a post in the sparse post array, DNA molecule recoils completely before
the next collision occurs. However, when driven in a dense posts array with the gap between the
posts smaller than the gyration diameter of the DNA molecules, the collision rate is much higher
and DNA molecules keeps in an extended shape when released from the obstacle17, 18 When the
gap of nanopost arrays is close to the persistence length of DNA molecule, the extension of DNA
could be obvious and hereby changes the motion of electrophoresis.6, 11 The DNA electrophoresis
in nanoposts array with gap 300 nm~500 nm showed advantages in large DNA separation.2, 19, 20
The behavior of DNA electrophoresis in a dense nanopost array with gap size close to DNA
persistence length is still unclear mainly because a nanoposts array with small gap is considerably
challenging to fabricate.
In this research, we embedded the dense nanopost array into a Poly(methyl methacrylate)
(PMMA) based micro/nanofluidic device by a novel NanoImprinting Lithography method. The
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gap between the posts is 80 ~ 280 nm. The electrophoresis of T4 DNA and λ-DNA in the
nanopost array was analyzed at single molecule level. A periodic motion containing 3 phases of
entangling-unhooking-recoiling processes in each cycle was observed. Various post array
geometries and different kinds of DNAs were investigated for their effects upon DNA motion and
electrophoretic separation.

6.3 Experiments
6.3.1 Fabrication of microfluidic chips with nanopost array.
Fig 6.1(a)-(f) shows schematics of the fabrication process for a nanofluidic device with
nanoposts in poly(methyl mathacrylate) (PMMA) substrate. The nanofluidic structure consists of
two microchannels for fluidic networks and nanopost arrays connecting the two microchannels. A
silicon master with the entire micro/nano scale fluidic structures (Fig 6.1a) was fabricated via
conventional photolithography and dry/wet Si etching for microfluidic network structures, which
was followed by focused ion beam (FIB) milling for the nanopost array. After coating a
monolayer of 1H,1H,2H,2H-perfluorodecyltrichlorosilane as an anti-adhesion agent on the silicon
master surface, a drop of a PPGDA based UV curable resin21, 22 was dispensed on the master
stamp (Fig 6.1b) and an oxygen plasma activated COC sheet was placed on the top as the
substrate of the UV resin (Fig 6.1c). After exposing UV light for curing of the UV resin, the COC
sheet covered with the cross-linked UV resin was demolded from the silicon master and served as
a negative stamp for the following thermal NanoImprint Lithography (NIL) (Fig 6.1d). Upon
thermal NIL with the UV resin stamp (Fig 6.1e), positive patterns were achieved on the target
PMMA substrate. The patterned PMMA was then bonded with a thin PMMA cover plate to
complete a sealed nanofluidic system. Details about the fabrication processes and pattern transfer
fidelity were described in our previous work21.
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Fig 6.1. (a)-(f) Schematic images of the fabrication process for nanofluidic devices with nanopost
arrays (the schematic shows only half of the entire chip): (a) Si master with micro/nanofluidic
structures (inset: schematics of the entire chip, red line marks the breakage position for the half
chip which was shown in the following images); (b)-(c): pattern transfer from silicon master to
UV resin stamp by UV-NIL and; (d)-(f): pattern transfer from UV resin stamp to target PMMA
substrate by thermal NIL, (g) SEM images of an imprinted nanofluidic device in PMMA
substrate, (h) a fluorescence image of the same area shown in (g) filled with FITC dyed buffer,
and (i) an SEM image of nanoposts in various dimensions taken with an angle of 52°.
Hexagon nanoposts with circumscribed circle radii of 150-400 nm, gaps between posts of 80300 nm and heights of 80-300 nm were achieved by adjusting the FIB parameters during the
fabrication of Si masters. Example scanning electron microscopy (SEM) images of an imprinted
nanofluidic structure in PMMA are shown in Fig 6.1(g) and (i). The formation of a leak-free
nanochannel fluidic device was verified by introducing a 0.1 mM fluorescein isothiocyanate
(FITC) solution into the chip. The comparison of the fluorescence image and corresponded SEM
image (Fig 6.1(g) and (h)) shows that neither collapse of pillars nor leakage between the substrate
and the cover slip occurred.
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6.3.2 DNA translocation experiments
0.5 µg/ml λ-DNA and T4 DNA solutions were prepared in 1x TBE buffer (89 mM tris–borate
and 2 mM EDTA, pH 8.3). DNA was dyed with YOYO-1 in a 10:1 molar ratio (bp/dye). 3% βmercaptoethanol was added as an anti-photobleaching agent and an enzymatic oxygen scavenger
system consisting of 0.2 mg/mL glucose oxidase, 0.04 mg/mL catalase and 4 mg/mL β-D-glucose
was also added in the buffer to remove oxygen radicals. A vacuum pump was used to initially wet
the channels and to introduce the DNA solution into the device.
For all the devices, an electric field of 35 V/cm was applied between two Pt electrodes in the
reservoirs located across the nanopost array to electrophoretically drive DNA molecules through
the nanopost array. The corresponded Peclet number, indicative of the ratio of convective flow to
diffusion, is Pe ≈ 6. The mild field strength was selected to make sure that the electrokinetic force
is strong enough to drive DNA while there is still enough rooms for DNA to relax and deform in
the cavity.23
A fluorescence microscope (Axiovert 200M, Carl Zeiss, Thornwood, NY) equipped with an
electron multiplying charge coupled device (EMCCD, PhotonMax 512B, Princeton Instruments,
Trenton, NJ) and a 100x/1.3NA oil immersion objective (Carl Zeiss) was used for imaging the
FITC and dyed DNA molecules. The video was recorded at 25 ms/frame in the overlap mode.
The data transfer time and the shutter open times were both 25 ms. The video was then analyzed
by ImageJ and a customized C program for the imaging processes and to exact the DNA
position/velocity information. Considering that the observed DNA length is the projection of its
zigzag shape inside the hexagon post array, a correction factor of f = (r + 3 r 2 + g 2 ) / (3r + 3g) is
applied to any length related measurement (derivation process of f is available in supplemental
material). Here r is the radius of the hexagon’s circumscribed circle, g is the gap between the
posts.
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6.4 Results and discussion
6.4.1 DNA periodical electrophoretic motion in nanopost array

When a DNA molecule was driven electrophoretically through a nanopost array, the molecule
unravelled upon colliding with one or more nanoposts and then recoiled after unhooked from the
post. The motion appeared to be periodical. The motion in one cycle can be divided into three
phases: entangling (Phase 1), unhooking (Phase 2) and recoiling (Phase 3).
One typical cycle of the motion of T4 DNA in a nanopost array (radius of circumscribed circle
r=340 nm, gap between posts g=250 nm, height h=300nm) was shown in Fig 6.2a. False colors
were used based on the fluorescence intensity. Fully stretched DNA chains were in light yellow,
while overlapped chains and uncoiled parts were in warmer colors for their higher fluorescence
intensity. Phase 1 started when the DNA entangled to a nanopost. As shown schematically in Fig
6.2b, when two segments of a DNA chain happened to be threaded into the array via either sides
of a nanopost, the molecule entangled to the pillar. While the center of DNA remained still at the
hooked post, two arms of molecular chain were threaded deeper into the array by the electric field.
The supercoiled molecule was consequently unravelled. Phase 1 ended when one or both arms of
the molecule chain extended to its full length. At the beginning of Phase 2, as the chain cannot
extend further, a tug-of-war between two arms began. The longer arm always won for it had more
charges to be drawn by electric field. The shorter arm was then dragged by the longer arm,
moving opposite to the electrokinetic direction. Since inner tension along the DNA chain was
built up during the tug-of-war process, the DNA molecule reached its maximum length in the
cycle. Phase 2 lasted until the length of the short arm decreased to zero. In the following Phase 3,
since the DNA chain was now entirely unhooked from the nanopost, the recoil entropy and the
tension along the DNA backbone shrank the molecule rapidly. Different from the cases with a
single post or a sparse post array, in the dense nanopost array the next collision happened almost
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immediately after unhooking. Occasionally the next collision started even before the short arm of
DNA was released from the post in previous collision. We believe that the high collision rate may
be due to the geometric confinement inside the nanopost array. As the equilibrium length of a T4
DNA in a nanopost array with g=250 nm is around 7 µm estimated by de Gennes theory18, since
the radius of one post is only 350 nm, the DNA molecule has to extent along the gaps between
posts when relaxing. The spontaneously extension of DNA around the nanopost made the
collisions of DNA with posts very easy. The hooking of DNA molecule to another post ended
Phase 3 and started a new cycle. A schematic graph of DNA behaviors in each phase was shown
in Fig 6.2b.
On the DNA shown in Fig 6.2a, a knot of DNA chain was visible on the short arm (shown a
bright yellow dot in the false color fluorescence image, and its position was stable on the DNA
chain). The knot was not there in the beginning the video. We believe it was formed when we
alternated the direction of driving voltage, the tail of DNA accidentally passed through a loop
formed by the molecule chain. Though the zig-zag motion and hooking of posts inside nanopost
array enhanced the possibility to form a molecule chain loop, the formation of a knot was still
rarely seen. For nanopost array with gap of ~80 nm, we observed DNA with knot was slowed
down or even stuck inside post array as the knot cannot easily pass through the gap between posts.
The clear observation of knot on DNA chain suggested our dense nanopost array could be useful
for DNA mapping.
A tiny DNA segment was also visible in Fig 6.2a from 0~3.5s. Comparing to the big T4 DNA,
the motion of the small segment was not held-up by hooking to the posts, therefore its mobility
was relatively higher.
The collision and unhooking process (phase 1 and 2) of DNA in the nanopost array is similar
to the collision of DNA to a single post. The behavior of the molecule hence can be described by
the local force and rope-over-pulley model12, 15. The total time for unhooking (Phase 2) is:
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Fig 6.2. The periodical motion of DNA molecule inside nanopost array. (a) False color montages
of the process of a fluorescence dyed DNA threading through a nanopost array. Fully stretched
DNA chain is defined as light yellow, whereas overlapped DNA chains and uncoiled parts were
shown in brighter colors. Time gap between each frame is 75 ms. Inset: the SEM image of the
nanopost array taken with an angle of 52°. (b) Schematic shows the behaviour of a DNA
molecule translocating in nanopost array in each phase. (c) The definitions of a few terms used
for analysis.

tunhook =

Lcontour " Lcontour %
ln
2 µ E $# LL ! LS '&

(1)

Here LL and LS stand for the lengths of long and short arms in the end of Phase 2,
respectively (see Fig 6.2c), E is the electric field, and µ is the DNA free solution
electrophoresis mobility. When the lengths of two extended arms were similar (named “U”
collision), the unhooking time was long. However, for a “J” collision (two extended arms of the
DNA molecule are in various lengths) or an “X” collision (the one arm was not fully uncoiled
when the other arm already extended to its full length), the duration of one cycle could be much
shorter because !L = LL " LS was big when the entangled point was near the end the molecule
chain.
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6.4.2 Various DNA molecules
The motion of λ-DNA and T4 DNA in a nanopost array (r = 250 nm, g = 240 nm) was
compared under the same electric field strength (35 V/cm) in Fig 6.3. The trajectory of the head
(end of the longer arm), tail (end of the short arm) and center of mass (fluorescence intensityweighted average of the molecule chain) was extracted from the video. From the trajectory
diagram, the three phases can be easily distinguished: in Phase 1, the center of mass falls behind
the position of head and tail while both the head and tail moves in the forward direction; in Phase
2, the tail moves backwards for the tug-of-war process and; in Phase 3 the tail moves forwards
again but is still behind the center of mass during the recoiling process. The hold-up effect12, 15 at
the nanopost after initial collision can be seen from a sharp decrease in the velocity of the center
of mass (the slope in the position vs. time curve) as DNA hooking with the nanoposts in Phase 1
and 2, it accelerated in Phase 3 as the DNA molecule unhooked from the post. The extension
reached maximum in Phase 2 and dropped down afterwards as it showed in Fig 6.3e and 3f. For
U or J collision, the duration of the collision was longer and the extension could be more than 90%
of the DNA contour length; however, for X collision, the hooking duration was shorter and the
extension was lower. These affects were the same for both T4 DNA and λ-DNA.
The average distance covered by T4 DNA in one cycle is D =43.2±12.0 µm. For λ-DNA, D
=14.1±4.7 µm. Those values are similar to the contour length of the corresponded DNAs. By
analysis of the videos, we found that the collision is most likely to happen during the recoiling of
DNA when it immediately unhooked from the post. The distance between two collisions
accordingly was the length of the DNA before recoiling, which was nearly the contour length of
the DNA molecule. Compared to T4 DNA, the collision of λ-DNA lasted shorter and was more
frequent. This may attribute to the shorter unhooking time tunhook due to λ-DNA’s shorter contour
length as it showed in Eq.(1).
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Fig 6.3. Data extracted from videos of T4 DNA (a, c, e) and λ-DNA (b, d, f). The dark grey, light
grey and white background indicates Phase 1, 2 or 3 respectively. The timeline of the
fluorescence image montages in (a) and (b) correspond to the diagrams showing below.

6.4.3 Nanoposts in various geometries
Nanoposts in various geometries were also investigated for the DNA electrophoresis. Figure 4
compares motions of T4 DNA and λ-DNA in nanopost arrays in various dimensions. Sample α
and Sample β had the similar g, but the size of the nanopost (r) in Sample β was 3.6 times larger
than Sample αl The serrated shape DNA chain inside post array was more clear in Sample αdue
to its larger r (Fig 6.4d and 4e inset). The mobility of T4 and λ-DNA in Sample α was also 11%
lower than Sample β because the head of the DNA molecule had to turn alternatively at each post
it met. g in Sample γ was 80 nm, which was 1/3 of the size in Sample α and β. DNA molecules
therefore extended more in Sample γ, which enhance the possibility to collide with the nanopost.
By looking at the motion of DNA in Sample γ, we found that the rate of “X” collision was much
higher. Sometimes the head of DNA chain collided and entangled to another nanopost even
before the tail of the molecule was fully unhooked from the previous nanopost. The distance of
each cycle (D) was shorter than the DNA contour length, and the duration (T) of each cycle was
shorter comparing to the motion in other post arrays.
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Fig 6.4. T4 DNA electrophoresis in various nanopost arrays. (a-c) SEM images of the various
structures, defined by r the radius of the hexagon post’s circumscribed circle and g the gap
between posts. The height of nanoposts is the same as g. (d-f) Histograms of the distance T4
DNA translocated within one cycle. Inset: behaviour of DNA molecules in the corresponded
nanopost array, all the scale bars are 10 µm. (g-i) Histogram of the mobilities of λ-DNA and T4
DNA in each nanopost array.

Figure 3(g) ~ (i) show histograms for the mobility of T4 and λ-DNAs inside each nanopost
array. Overall, the average mobility of λ-DNA in one cycle was 13%~30% larger than the
mobility of T4 DNA. The results indicate that these two DNA molecules can be separated by
electrophoresis through a nanopost array and that the separation efficiency will increase as the
length of the nanopost array is larger. Among those three nanopost array, the separation
efficiency in Sample α and β were similar. The values of µ! "DNA / µT 4 _ DNA were about 1.24~1.3. In
Sample γ, however, the separation efficiency was weaker, as the values of µ! "DNA / µT 4 _ DNA were
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only 1.12. As g of Sample α and β were ~250 nm, while g in Sample γ is only 80 nm. It suggested
that in terms of separation of long DNAs such as T4 DNA and λ-DNA, a gap size of 80 nm in the
nanopost array was too small.

6.4.4 DNA recoil in the nanopost array

Fig 6.5. The effect of confinement of nanopost array upon the recoiling of DNA. (a) The
trajectory of the tail of the DNA when recoiling inside and outside of a nanopost array g = 80 nm.
(b) Recoiling velocity ratio ξ as a function of time in the nanopost arrays g=80 nm and g=250 nm
The confinement of DNA inside various nanopost arrays was further studied by focusing on
the recoiling of DNA in Phase 3. In Figure 5, the recoiling process inside the nanopost array was
compared to the recoiling of the same DNA molecule at the edge of the nanopost array where no
confinement was applied to the DNA molecule. Figure 5(a) shows the trajectory of the tail of a
T4 DNA molecule chain during the recoiling process in Phase 3. In the inset are also shown
fluorescence micrographs and schematic mechanisms for T4 DNA recoiling inside and outside of
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the post array. When DNA recoiled inside the nanopost array, the velocity was slower, and the
final length of DNA was longer due to confinement of nanoposts18. ξ was defined as the ratio of
the velocity of recoiling inside the nanopost array divided by velocity of recoiling outside the
nanopost array. Fig 6.5b shows relation of ξ and time of 8 individual T4 DNA molecules, 4 of
them in post array g=80 nm, the other 4 in array g=250 nm. The ξ value distributed in a wide
range between 0.8~1.8 at the initial stage of recoiling. It became stable after ~ 0.15 s. Comparing
two different gap sizes, the ξ value for the post array with 250 nm gap is ~ 0.95 while the ξ value
for 80 nm gap array is ~ 0.75. According to de Gennes theory18, the equilibrium length of T4
DNA in a 250 nm or 80 nm nanochannel were 7 µm and 15 µm respectively, therefore for both
cases DNA molecule was extended even when it was fully relaxed in the nanoposts array. For
DNA in g=250 nm array, the equilibrium length is shorter and the ξ value is close to 1, which
suggests the confinement of nanopost array was relatively weaker, the recoiling velocity was
similar to non-confined cases. The confinement of DNA in the nanopost array with g=80 nm,
however, doubled the equilibrium length of DNA and reduced the recoiling velocity in Phase 3
significantly. The slower velocity of the tail of DNA chain and the larger extension of the head of
DNA chain inside post array caused collision happened before the tail of DNA reached the
position. Since the collision point was always close to one end of the molecule, the rate of “X”
collision was much higher. Consequently the average distance and duration of each collision was
reduced in post array with small g.

6.5 Conclusion
For the investigation of DNA behaviour in a dense nanopost array with gap dimension close to
the DNA persistence length, nanopost arrays with various gap sizes were embedded onto a
polymeric micro/nanofluidic device by NanoImprinting Lithography. The motion of long DNA
electrophoresis in the dense nanopost array appeared to be a periodic entangle-unhooking-
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recoiling process. By analysing the periodical motion of individual DNAs in various nanoposts
geometries, we believe the phenomenon could be attributed to the extension of DNA molecules in
the dense nanopost array, since the cavity in the post array was far below the DNA gyration
radius. The DNA translocation distance, duration and electrophoresis mobility in each cycle
exhibited to be molecular size and post array topology depended.
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CHAPTER 7. SIMULTANEOUS OBSERVE AND OPTICAL
SIGNAL OF DNA TRANSLOCATION THROUGH
NANOCHANNEL
7.1 Introduction
Nanopore and nanochannel based nanofluidic devices were known for the lab-free, real-time,
high-through output of DNA single molecule analysis. Although the molecule length, shape,
folding of DNA molecule can be estimated by the measured ionic current curve, no direct
observation of DNA generating blockade current via passing through nanopore/nanochannel was
reported. In this study, we observed the process of DNA translocating through nanochannel and
recorded the generated ionic blockade current simultaneously. Both current rise and drop during
DNA translocation were recorded. For the current drop case, the duration of spike is equal to
DNA translocation time, however for the current rise case the duration of peaks were longer than
DNA translocation time. The ion and charge redistribution in side the nanochannel electrolyte and
nanochannel wall were found to be the reason for the capacitor behavior during DNA
translocation.

7.2 Background
7.2.1 Coulter-counter technique of DNA analysis
Measuring the blockade current is one of the most widely used protocols to interrogate DNA
translocation through nanopores. It is a label-free and real-time analysis of single DNA molecules.
Fast sequencing of DNA may be possible by applying an exonuclease enzyme to cleave
individual nucleotide molecules from the DNA and coupling it to an appropriate detection system
for measuring blockade current of each nucleotide.[1]
Even though numerous DNA translocation experiments were performed using nanopore
devices, no direct visualization of the DNA translocation has been reported. The behavior of
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DNA molecules in passing was estimated only by current signal[2, 3] and the existence of DNA
xtranslocation through nanopore was proved by the following polymerase chain reaction (PCR)
[4] and electrophoresis [4] with the collected molecules after the translocation.
In addition to the blockage of ionic channel, more and more phenomenon were found upon
DNA/nanopore interact, for instance the conductance enhancement due to DNA translocation [4],
the trapping of DNA by nanopore [5], ionic current drop before rise on nanopore with certain
dimension [6], etc. Comparing to a simple spike caused by DNA translocation, the I-t curves are
much more complicated in those cases, and the corresponding DNA translocation events are more
complex. However, the process of DNA molecule interaction with nanopore/nanochannel still can
only be analyzed indirectly from the ionic current. No directly observation of DNA generating
ionic current during translocation was reported.
Different from vertical structures such as conventional nanopores[6-9], nanochannel based
lateral fluidic structure allows directly observation of DNA motion, because the distance of
nanochannel to chip surface can be less than the working distance of a fluorescence microscopy.
When the device on the microscopy stage, electrodes can be put in reservoirs to apply voltage and
to measure ionic current at the same time of observing fluorescent signals. [10]
The main issues here are: (1) The low DNA capture ratio due to the huge resistance of single
nanochannel.

(2)

The

huge

ambient

noise

from

CCD,

microscopy

and

electrical

driving/measurement system, since the electrical measurement was performed on the microscope
stage, but the signal was fast (higher than 1000 Hz) and weak (less than 5 pA). Regarding to those
issues, we redesigned the fluidic chip, reduced the nanochannel length, and added inlet structures
to enhance DNA capture. An on-stage Faraday cage was built fitting the microscopy system. The
unnecessary electronics parts of the microscope were removed. The noise sources, such as
fluorescence light bulb and CCD camera, were separated from the microscope. A second Faraday
cage also was built to cover the whole microscope. As a result, the background noise of the
electrical measurement was about 5pA peak-to-peak.
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7.2.2 Model of DNA blockade current
When a genomic scale DNA translocates through a nanochannel, the conductance in the
nanochannel might vary due to the following two factors.
(1) An uncoiled or partially coiled DNA molecule may block part of the channel, so that the
cross-section area of the ion path is partially blocked. Therefore the conductance is reduced.[11,
12]
(2) Since dsDNA is a highly negatively charged molecule, an electrical double layer
consisting of mobile ions was formed around the molecule. When the DNA passes through the
nanochannel, those ions also enter into the nanochannel following the DNA molecule. The local
ion concentration is temporarily increased when DNA is present in the nanochannel. The sudden
increase in the amount of conductive ions inside nanochannel may lead to a higher
conductivity.[4, 13]
The conductance variation during DNA translocation through the nanochannel is decided by
the combination of these two effects. Generally, for buffer with high salt concentration, when the
ion concentration inside nanochannel is high, the first mechanism dominates the ion flow, so that
the current would decrease when DNA passes through the nanochannel. For buffer with very low
ion concentration, the second mechanism dominates. The current would then increase during
DNA translocation.

7.3 Experiment
7.3.1 Chip design
A schematic design was shown in Fig 7.1. A 60 nm by 60 nm connected the top and bottom
micron-scale transport channels. In the inlet of nanochannel, a nanopillar array with pillar
diameter of 300 nm and gap between pillars of 90 nm was built in order to pre-uncoil DNA
before it enters the nanochannel (Fig 7.1b). In the outlet, a microgroove was built in order to
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reduce the nanochannel length. Nanochannel with various lengths from 200 nm to 55 µm was
built. The diameter of the nanochannel was ~60 nm.

Fig 7.1. Design of the nanochannel based fluidic chip. (a) Schematic of the whole microfluidic
chip and the enlarger of the nanochannel area. (b) SEM image of the 3D-funnel structure
connecting nanochannel and microchannel (image was taken with 52°). (c) Enlarger of the
nanopillar array inlet and groove outlet of nanochannel. (d) Enlarger of the nanochannel.
The minimum nanochannel we studied here is 60 nm in diameter and 200 nm in length.
Though we define it as a nanochannel, it’s actually smaller than some solid-state nanopores.
Therefore the results we reached in this paper are applicable for nanopore researches as well.

7.3.2 Buffer system
Theoretically, the blockade current can be detected more easily at high salt concentration. At
that circumstance, a higher base line current was achieved, the blockade current was clearer and
noise lever was relatively lower. In addition, at high salt concentration, the conductance
enhancement effect was lower, so the signal would not be compensated by the contrary effect.
However, when salt concentration was higher then 0.1 M, the bonding between DNA and
YOYO-1 became unstable, so that it cannot provide a clear image. Other dyes such as YO-PRO,
SYBR-green were tried to dye DNA. But the single molecule image quality was not as good as
the YOYO-1 dye.
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T4 DNA and λ-DNA was dyed with YOYO-1 at a bp/dye ratio of 20:1. 0.5 µg/ml DNA in 1x
TBE buffer was mixed and used for the experiments. Enzymatic oxygen scavenge system and βMercaptoethanol were added to suppress the photobleaching and photonicking of DNA molecules.
Different from silicon-based devices, even with the application of the oxygen scavenge system,
the breakage of DNA molecules was still observed. It may be due to the radicals present on the
PMMA surface, which can be excited by fluorescence excitation light. A salt gradient between
top and bottom microchannels was used when necessary by adding TBE buffer with 0.1 M KCl to
the trans side of the microchannel.
Ag/AgCl electrodes are put in the top and bottom reservoirs for electrical contacts to the liquid.
A patch-clamp amplifier was used to apply a voltage over the two electrodes and to detect and
amplify the resulting current at sampling rate of 100 kHz. The signal is low-pass filtered using a
four pole Bessel filter with a cutoff frequency of 5 kHz, and was then digitized by Axon 1440A
digitizer. A home-made Faraday cage was used to shield the device on a microscope stage.

7.4 Result
7.4.1 General result
DNA was driven under a voltage of 1 V applied by a patch clamp system, which also recorded
the ionic current across the nanochannel. Simultaneously, the translocation process of
fluorescence dyed DNA molecule was recorded by microscope with EMCCD camera. In Fig 2a,
series of false color fluorescence images were grabbed from the video and were put together
along the timeline, showing the process of DNA translocation through nanochannel. The time gap
between each frame is 140 ms. The position of nanochannel (2 µm in length, marked by white
dashed line), micron scale funnel inlet/outlet and pillar array can be found from the continues
exposure fluorescence image and the corresponded SEM image on the left of the montage image.
One can tell from the image that DNA molecules moved slowly in the microchannel before
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entering nanochannel, and were elongated when threaded into the nanopillar array. It passed
nanochannel rapidly and recoiled after leaving the nanochannel. Within the duration of 19 sec
shows in Fig 2a, 7 DNA molecules translocated through the nanochannel. 5 of them caused ionic
current drop spikes during the translocation as it shows in the I-t curve aligned in the same
timeline as the fluorescence image montage. The current drop spikes occurred exactly when DNA
passing the nanochannel. An enlarger image in Fig 2b shows more clearly the uncoiling of DNA
in the pillar array, the rapid translocation of nanochannel, and the recoiling of DNA after leaving
the nanochannel. As it shows in the I-t curve, though DNA molecule was uncoiled and elongated
when it electrophoresed in the nanopillar array, the spike on I-t curve only occurs when DNA
passes through nanochannel.
Among all the DNA translocation events we observed, current drop spikes only consists of
13.4%. In addition to that, 38.1% of DNA translocation events generated current rise spikes, the
same as other researchers did in the low ion concentration buffer condition [13]. The other 48.5%
of DNA translocation events had no corresponded current response. Most these events were
generated by small DNA segments whose lengths were much smaller then the original λ-DNA or
T4 DNA. One typical example is the DNA molecules translocated through nanochannel at 12 s ~
13 s in Fig 7.2a. Its maxim length is about 5 µm and its fluorescence intensity is also very weak
as it shows in the image. Those small segments mainly formed by the breakage of long DNAs due
to the photonicking under fluorescent light or the shearing force in the microfluidic channel. Tiny
DNA segments usually generated fast and small current response. Sometimes, it’s hard to see
since the ambient noise. There are also some rare cases, where larger DNA molecules
translocated through nanochannel without generating any current response, as it happened at 6.5 s
in Fig 7.2a. It may due to the cancelation of current drop and rise. We will qualitatively analyze
this phenomenon in the discussion part.
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Fig 7.2. Series frames of fluorescent images from DNA translocation video and the corresponding
ionic current in the same timeline. (a) Seven DNA translocation events happened in 19 sec. (b)
Enlarger of a single event. Top-left of the fluorescence image in a black frame: the continuous
exposure result (adding up all the fluorescence images), matches with SEM image, showing the
positing of the nanochannel (marked in white dashed line). False color was given based on
fluorescent signal intensity. Coiled DNA was given warm colors (red, yellow) due to its stronger
fluorescent signal, while unravelled DNA chain was colored with cold colors (blue, green).

7.4.2 Ionic current drop spikes
More current drop spikes generated by DNA translocation through a 2 um long, 60 nm
diameter nanochannel are shown in Fig 7.3. Current began dropping exactly when DNA entering
the nanochannel. It might last from a few ms to hundreds of ms depended on the time DNA
staying inside nanochannel. The current rose back to the baseline immediately after DNA left
nanochannel.
The translocation events can be roughly divide into three groups as it shows in Fig 7.3. Fig
7.3(a~c) shows the ionic current generated by small DNA segments. The lengths of these DNA
segments are no more than 5 µm, as measured from the fluorescence image. The electrophoretic

141

motion of those DNA molecules weren’t slowed down by the nanopillar array because its short
hold-up time attributed to its short contour length, as it shows schematically in Fig 7.3c. Those
DNA molecules passed through nanochannel in 5~10 ms, generating a sharp current drop peak of
~5pA. Fig 7.3 (d~f) shows the large DNA translocated in an unraveled shape. Those DNA are
usually full scale λ-DNA or T4 DNA, uncoiled in the nanopillar array by colliding and hooking
on the pillars. Before reaching the entrance of nanochannel, the DNA was in an unraveled shape
and was not hooking to any nanopillar at that time. One end of the molecule chain was threaded
into the nanochannel first, followed by entire molecule.

Fig 7.3 Current drop spike generated by various kinds of DNA molecules translocating through
nanochannel. (a~c) small segments of DNA; (d~f) big DNA entering nanochannel in uncoiled
shape; (g~i) big DNA entering nanochannel while still hooking on the pillar array.
The 3rd case is DNA translocating through nanochannel while still hooking on the nanopillars,
shows in Fig 7.3 (g~h). A characteristic symbol for this kind of DNA translocation was the
bottom of molecule looked stable for the whole DNA translocation process. Actually it’s not the

142

end of DNA but the center of the molecule chain hooked on a nanopillar. During the translocation,
the molecule chain slid through the pillar, transferring mass from one side of obstacle to the other
side. The motion of DNA was slowed down because electrostatic force was applied on both arms
of the molecule. There was a tag-of-war between the two arms during the translocation.
Comparing to the other two cases, the translocation while hooking case was more interesting
to us because (1) DNA moves much slower, and (2) inside the nanochannel it’s guaranteed there
was only a single extended DNA double helix chain due to the inner tension along the molecule.
The I-t curve also proves that the current drop was stable at around 15 pA ~ 20 pA during the
DNA translocation.
For all these three cases, the build-up and decay of the current variation is almost a transient
process, which takes ~10 ms for dropping and ~15 ms for rising back.

7.4.3 Ionic current rise peaks
Fig 7.4 shows the ionic current rise events observed by the simultaneous optical and electrical
measurement of DNA translocation through nanochannel. Fig 7.4a is a characteristic process of
current rise peak generated by DNA translocation. The current rise starts when one end of DNA
chain entering the nanochannel. The increase of ionic current lasts for ~50 ms, exactly the same
time as it takes the DNA molecule to pass through the nanochannel. The decay of ionic current
starts when DNA leaves the nanochannel and last for ~100 ms until it drops back to the baseline.
The entire duration of ionic current rise peak is ~150 ms. Among these time only the first 50 ms
corresponded to the DNA translocation, for the rest of 100 ms, the DNA molecule is out of
nanochannel already.
Fig 7.4 (b~g) shows more examples of current rise peaks generated by DNA translocation.
Similar to current drop case, we can also roughly divide those events into three groups. (1) Short
DNA translocation. The lengths of these DNA segments are less than 5 µm. They passed through
nanochannel in a short time and left a tiny peak. (2) Large DNA, translocate in a short time.

143

Those are usually full-size λ-DNA and T4 DNA, which passed through nanochannel in an
uncoiled shape and left a relatively bigger peak in the I-t curve. The rising-edge of the peak
corresponded to DNA translocation, while the falling-edge is a decay process of the ionic current
after DNA has left the nanochannel. (3) Large DNA hooked during translocation. Full size DNA
molecules take a longer time to pass through nanochannel due to obstacles. As it shows in Fig 7.4
(f) and (g), the ionic current saturated after rising more than 5 pA, and keeps in the saturated
status while DNA passing through nanochannel. The sum of duration of rising-edge and
saturation-stage is equal to DNA translocation time. The decay time is longer than the previous
two cases

Fig 7.4. Ionic current rise peaks generated DNA translocation through nanochannel. (a)
Characteristic process of DNA passing through a 2 µm length 60 nm diameter nanochannel. (b, c)
Short DNA, (d, e) Long DNA, and (f, g) Long DNA hooked during the translocation through
nanochannel.

144

For all the three cases, ionic current increased when DNA was inside the nanochannel; and the
current started decreasing immediately after DNA left channel. The duration of the current peak
is longer than the DNA translocation time. If carefully checking data form other research groups,
we can find the similar longer duration of ionic current rise comparing to current drop cases [14].

7.5 Discussion
7.5.1 The build-up and decay of current rise peaks
The build-up and decay of current rise peaks take much longer time comparing to current drop
spikes. In addition to that, it was found that the characteristic build-up and decay time was related
to the nanochannel length. The magnitude of current rise was also found to be not only related to
DNA size, but also related to the duration of DNA translocation.
Fig 7.5 shows the dropping edge of I-t curves of some ionic current rise peaks. It seems that
all the I-t curves follow the same formula in the dropping process, since all the curves overlaps
very well in the end. The time required for the dropping is depended on the size of the peak. The
bigger the current is, the longer it takes for the current to drop to the baseline.

Fig 7.5 The current dropping-edges of ionic current peaks generated DNA translocaiton in the
2µm length, 60 nm diameter nanochannel. The ending of all the curves overlaps very well. The
time required to drop to baseline (decay time) is related to the peak size.
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By comparing the current rise peaks measured with DNA translocation in nanochannel in
various lengths, we found the build-up time and decay time is also related to the nanochannel
length. The longer the channel length is, the longer time it requires to build-up and decay of the
ionic current. Fig 7.6 shows dropping edge of I-t curves of ionic current peaks generated by DNA
translocation through nanochannel in various lengths. The fitting curves follow the exponential
decay formula. The characteristic decay times were found to be related to length of nanochannels.
For nanochannel length of 50 µm, 2 µm and 300 nm, the characteristic decay time is 690 ms, 38
ms and 17 ms respectively.
As it shows in Fig 7.6, the shape of I-t curve of ionic current rise peaks look similar to the
charging and discharging curves of a capacitor. The factor of build-up time and decay time and
the relation of characteristic time to channel length also suggest the existence of a capacitor in the
circuit for ionic current rise peaks.

Fig 7.6 Characteristic decay time for nanochannel in various lengths. The nanochannel length of
long, medium, short nanochannels are 50 µm, 2µm and 300 nm respectively.

7.5.2 Charge redistribution, double layer capacitor
Fig 7.7 schematically shows the ion redistribution process when DNA translocating through a
nanochannel. In weak ion concentration buffer system, the effect of double layer on the surface of
nanochannel can’t be ignored anymore. As it shows in Fig 7.7a, before DNA enters the
nanochannel, the surface of nanochannel was negative charged. The anions in the double layer,
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together with the free ions in the center of nanochannel, consist the carriers for the conductance
of nanochannel. A double layer mainly consisted of cations also formed around the DNA
molecule due to its negative charged backbone. The double layer moved along with the DNA
molecule into the nanochannel during electrophoresis.
When DNA was inside the nanochannel, the original equilibrium of cations and surface charge
was broken. The ion concentration of ions, especially free cations, inside nanochannel was
multiplied. The rich in counterions led to the charge redistribution at the nanochannel surface.
The zeta-potential dropped, and the surface charge density decreased. For the whole circuit, it
looked like the discharging of the double layer capacitor, since the charge on the wall of double
layer was neutralized.

Fig 7.7 Ion redistribution during the DNA translocation process. (a) before DNA entering
nanochannel. (b) Nanochannel wall was neutralized with the presence of DNA inside
nanochannel. (c) Charge released from nanochannel after DNA left nanochannel.
After DNA left nanochannel, the cation double layer moved together with the DNA molecule.
The ion density inside nanochannel dropped back. The low ion concentration caused the channel
surface to release ions to build a new equilibrium. From the outer circuit, it looked like the
charging of the double layer capacitor, as charges were built up on the channel surface.
For longer nanochannels, the entire area of channel surface is larger, its capacitor is
consequently larger. Since he characteristic charging and discharging time of capacitor is linear
with the capacitance, the build-up time and decay time for longer nanochannels are longer.
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The effect of double layer capacitor was not obvious for current drop case because the drop of
ionic current mainly caused by blockage of ionic path with presence of DNA molecule, the ion
concentration inside nanochannel remained the same in presence of DNA. Therefore there was no
charge or discharge of the double layer on the channel wall.

In conclusion, we measured the ionic current and fluorescent image of DNA translocation
through nanochannel simultaneously. Both ionic current rise and drop peaks were observed and
aligned to the DNA translocation video frames. The current drop case was a transient process.
The duration of current drop equals to DNA translocation time, the magnitude of current drop is
similar for all the large DNA molecules. The current rise case, however, requires build-up and
decay time. The duration of the peak is longer than DNA translocation time. The double layer
capacitor contributed by the double layer in the nanochannel wall is the major reason for that
phenomenon.
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CHAPTER 8. CONCLUSION AND FUTURE WORK
8.1 Conclusion
The ultimate goal for this work was to develop a cost-effective, label-free, amplification-free,
single-molecule approach that can be applied for high-throughput DNA analysis. So far, we have
fulfilled a few preliminary steps: 1) Fabricated complete polymeric nanofluidic chip by
introducing the polymer stamp and a two-step nanoimprinting process; 2) Studied the effects on
DNA capture rate, analyzed the field strength distribution in the nanofluidic system, then
designed and fabricated inlets structures, experimentally proved the DNA capture rate can be
enhanced; 3) Preliminary studies observed the DNA translocation behavior in the nanochannel,
recorded the longitudinal blockade current during translocation.
In terms of fabrication, we developed a method to build polymer-based nanofluidic devices
with sub-100 nm nanochannels using direct imprinting with a polymer stamp. The imprinting
with polymer stamps showed good replication fidelity for multiple replication processes,
preventing the damage of the expensive nanopatterned master and reduced undesirable
deformation in the molded polymer substrate. This approach provides the possibility to build
cheap and disposable polymer nanofluidic devices for single molecule analysis.
In order to improve the DNA capture rate by nanochannel, different inlet structures interfacing
microchannel networks and nanochannels are designed and built. The electric field distribution
analyzed by a Finite Element Method tool indicates that fast degeneration of the electric field at
micro/nano interface plays a major role, in addition to the bulk flow in microchannel, for the low
capture rate. The experimental results show that the following two strategies effectively increase
the capture rate: (1) Build submicron inlet structures that can geometrically confine the DNA
Brownian motion and reduce the bulk flow velocity; and (2) Adjust the field strength at the
micro/nano interface by building multiply nanochannels or a microscale bypass channel. Either of
these methods enhances the capture by 400 - 500%.
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Attributed to the improved capture rate, the blockade current of DNA translocation though
nanochannel was measured. Different from current reduction observed in most nanopore cases
under high salt buffer, we measured both ion channel blockage and enhancement in the existence
of DNA molecule, the various time-response of these two effects were also recorded. Moreover,
the effect of elongation under different driving voltages, uncoiling DNA by various method and
other phenomena were also observed on the polymeric nanochannel based fluidic platform.

8.2 Future work
8.2.1 Nanoelectrodes fabrication
Theoretically, it is possible to sequence a single stranded DNA (ssDNA) by the measurement
of transverse tunneling currents/capacitance as ssDNA is driven through a nanopore/nanochannel
with embedded electrodes. With molecular dynamics simulations and quantum-mechanical
current calculation, Lagerqvist et al suggested that DNA can be sequenced by measuring
transverse current as an electronic signature of the bases as they pass through electrode embedded
nanopore.[1] Notably, as experimental proof of detecting DNA basepair electrically,
identification of single biomolecules, nanoparticles, and single nucleotides with tunneling
currents has been shown experimentally by STM.[2]
A pair of nanoscale electrode across the nanochannel is the critical components for this
application. There are a few requirements for the electrodes: 1) The gap between the electrode
should be as small as possible. According to Chou et al. when the gap was larger than 9 nm, no
DNA translocation signal was recorded. The smaller the gap is, the better signal/noise ratio will
be. 2) The dimension of electrode itself should be as small as possible. According to simulation,
the electrodes for fast sequencing was in 3 atoms scale[1] or single graphene layer[3]. Since the
distance between basepairs was only 0.34 nm, the electrodes to capture signals should be in the
same scale. 3) The mechanical property of the electrode should be strong enough to survive the
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fast flow. Albrecht et al. observed the polishing of their thin Pt electrode after DNA
translocation.[4]
Due to those requirements, compare to top-down fabrication methods such as E-beam
lithography followed by E-beam deposition and lift-off technique, bottom up methods using
synthesized nanowires/nanotubes as electrodes could be a better choice.
The fabrication may include two major steps: 1) positioning nanowires and 2) nanochannel
fabrication.
For the first step, nanowires should be aligned to specific locations on substrate without
relying on external forces. One possible way is local functionalization of surface with preferred
binding chemistry to the nanowire. Then, upon dispensing solution with nanowires, the nanowires
will self-assemble to the functioned location.

Fig 8.1 Fabrication process for the electrodes with nanogap and nanochannel by single imprinting
process
In the second step, the nanogap on electrode and the nanochannel could be fabricated in one
step by nanoimprinting, as it shows in Fig 8.1. The macro electrodes were first fabricated by
conventional photolithography, nanowires were then self-assemble to the specific location, a
stamp in hard material was used for imprinting afterwards. Due to the concentrated stress on the
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imprinted area, the nanowire may break at the nanochannel region and belt down to the channel
wall.
No nanoscale alignment such as nanopore case[4] was required for this fabrication process.
The stamp will break the nanowire at the location exactly crossing the nanochannel. In addition to
that, hopefully the nanowire will imbed inside the wall due the deformation during imprinting.

8.2.2 Detecting system with nanoelectrodes
The measurement of the electric signal of DNA translocation through transverse electrodes
will be another challenge.
Since DNA translocation was driven the electric field inside nanochannel, the existence of
electrode will affect the field distribution in nanochannel and consequently modify the DNA
motion. A preliminary ANSYS simulation of the field distribution on electrode area for a pair of
1 µm width electrodes on a 50 nm wide nanochannel is shown in Fig 8.2.

Fig 8.2 Simulation of the field strength distribution in the electrodes area in a 50 nm wide
nanochannel with 1 µm wide electrode.
According to the simulation, since the electrodes are good conductors, the electric field
strength, which uses to be confined inside nanochannel, will disperse into the electrodes. It results
that in electrode area the field strength is 1010 times weaker than the other parts of channel.
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Though it still need experiment to prove, but according to simulation this kind of field
distribution is the same as the nanochannel with a pyramid hole defect (discussed in Chapter 6.3).
The sudden reduction of electric field will slow the DNA down. The electric measurement can
benefit from the low velocity of DNA. However, if the low field area is too long, the DNA may
completely stop inside this region. The actual behavior of DNA inside nanochannel with
transverse electrodes will be interesting.
The longitudinal measurement could be also useful for the time-of-flight measurement.
Lengecker et al. reported using two stacked nanopores to do the time-of-flight measurement[5] as
it shows in Fig 8.3. For nanochannel devices, the flow can be designed more complex. For
example,

multiple

short

nanochannels

can

be

design

and

fabricated,

with

bigger

micro/nanochannels connecting the short nanochannels. So blockade current of translocated DNA
will be similar to Fig 8.3 but with more current spikes. The wall of specific region can be
functioned with various chemical groups to adjust the DNA motion. More time-of-flight
information can get from the nanochannel devices.

Fig 8.3 Electrophoretic Time-of-Flight Measurements of Single DNA Molecules with Two
Stacked Nanopores

8.2.3 Smaller nanochannel on various polymer substrate
With other polymer substrate such as PC, PET, COC etc., there are a various choice of Tg,
Young’s modulus and other thermal/mechanical properties for nanoimprinting lithography. For
materials with lower Tg, various UV-resins can also be applied to achieve the best pattern transfer
fidelity.
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The limitation of FIB milling on silicon substrate is around 20 nm. However, by using the
property of the Gaussian beam of FIB, it’s possible to reduce the pattern size.[6] Ramsay et al
showed that sub-5 nm patterns could be achieved by coating a thick sacrificial metal film on
silicon substrate and mill through the metal film.
The reported limitation of nanoimprinting lithography is less than 10 nm.[7] However, most of
the sub-20 nm nanochannel were fabrication on silicon substrate transferred from thin PMMA
layer patterned by NIL.[7, 8] To build complete polymeric chips with sub 20 nm patters will be
challenge, but new techniques such as Self-limited self-perfection by liquefaction[8] could be
applied to reduce the channel size. The study of real-time lab-free DNA analysis will benefit
more from nanochannels with smaller critical size.
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